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GE Free New Zealand
In Food And Environment Inc.
PO Box 13402, Wellington, NZ
Tel: 027 479 4195

8.11.2021
Re: APP204199 application to reassess Diazinon, Fenamiphos and Methamidophos.
Tēnā koe EPA.
1. We would like to be heard
2. We oppose this application and support the EPA’s decision to ban fenamiphos and
methamidophos insecticide in 2023 and diazinon in 2028.
3. The applicant states that it considers these products as ‘crop protection’
pesticides. However these organophosphates and carbamates (OPC) insecticides
are not protective overall as they kill the organisms in the environment, beneficial
insects, pollute the soil and waterways and are dangerous to human health.
4. We would like to challenge the position that there are no current alternatives or
replacements for these pesticides, which is being put forward to justify why they
should be allowed to be used for a further 10 years.
5. Diazinon, Fenamiphos and Methamidophos insecticides have been on the market
since the 1980’s but recently have been banned overseas. Their toxicity is high and the
withholding period before harvest is 90 days
6. Their toxicity has been known for many years and in 2013 the EPA signalled to
industry that these chemical would be banned. The pesticide companies have been
given time to develop more environmentally friendly ways to protect
plants. Instead they have chosen to continue to use pesticides derived from fossil
fuels further contributing to climate change.
7. At a time when the environment is under extreme stress, a delay in removing these
insecticides from the environment only adds to further degradation and loss of
diversity essential for ecosystem health.
8. To follow through on the notice of intention to ban Diazinon, Fenamiphos and
Methamidophos insecticides and in order meet its duties of care, it is vital the
EPA progress with removing harmful synthetic pesticide chemicals that have been
developed but are contributing to ecocide of the environment.
9. This need for the EPA to act is clear. Anthropogenic activities are killing the
beneficial ecosystems that are required to provide safe food. Hallmann et al (2017)i

publication detailed the critical loss of insects many are pollinators. This was
attributed to “Agricultural intensification, including the disappearance of field
margins and new crop protection methods has been associated with an overall decline
of biodiversity in plants, insects, birds and other species in the current landscape.”
Anomalies in EPA’s decision of parent compounds and metabolites
10. Acephate in the ground breaks down to methamidophos in the environment by microbes
in the presence of oxygen.
11. It is concerning that Acephate of which, Methamidophos is a metabolite is not
included in the ban in 2023. This is a gap important for the EPA to address.
12. Acephate and its metabolite Methamidophos are highly toxic to non-target organisms
and can lead to critical environmental pollution and life-threatening health
problems.
13. Acephate and its metabolite Methamidophos are endocrine disrupters, have delayed
neurological symptoms, liver and kidney disruption.
14. Further Acephate is highly toxic to honey bees and beneficial predatory insects.
15. Contact with the spray poses a chronic risk to birds and mammals.
16. Acephate in water breaks down into methane and carbon dioxide.
The National Pesticide Centreii recorded that the
17. Half-life of Acephate in tomatoes was 7-14 days.
18. Surface application of Acephate to the peel of citrus fruit penetrated and distributed
evenly into the fruit flesh.
19. Acephate applied to raspberry and cherry plants days before flowering resulted in
residues of 0.15-2.84 ppm in nectar after flowering. One raspberry plant's nectar
contained 14.39 ppm Acephate. These levels are highly toxic to bees and would have
serious effects on the hive.
Residues in fruit and vegetables
We rely at times on imported foods. U.S. Department of Agriculture, Agricultural
Marketing Service: Washington (2019) recorded both Acephate and Methamidophos in
levels that were highly toxic to bees.
−

In 2019, 8437 samples of produce were tested for Acephate. 67 had detectable
Acephate residues. iii Produce with detected Acephate was sweet bell peppers,
hot peppers, cauliflower, basil, strawberries (frozen), rocket and mustard
greens.

−

In 2019, 8117 samples of produce were tested for methamidophos. Eighty
samples had detectable methamidophos residues. Produce with detected

methamidophos was sweet bell peppers, hot peppers, basil, strawberries
(frozen) and rocket.
In the New Zealand total diet surveyiv taken every 5 years
-

Acephate residues over the MRL (0.01) was detected in Capsicum (0.02) (sweet
peppers) Mandarin (0.02) and Melon (0.09)

-

Methamidophos residues over the MRL (0.01) was detected in Capsicum (sweet
peppers) (0.04) and Kumara (0.01)

Delay in banning OPCs has deleterious environmental and health effects
20. It is concerning and the only industry response to growing pest insect resistance to
these products is to rely on the possible novel and untested RNAi pesticide, and to
then justify extending the approval of Diazinon, Fenamiphos and Methamidophos
organophosphates to be banned because of a delay in RNAi development including
safety testing.
21. The EPA must now proceed with their decision to remove diazinon, fenamiphos and
methamidophos insecticides from the market and ban their use as planned. The
alternatives can be informed by strategies used in Countries jurisdictions where
these chemicals have been prohibited.
22. High quality production of safe food free from harmful organophosates and
carbamates chemical residues can be grown organically in commercial quantities.
Commercial food production of can be grown free of toxic insecticides
23. Belinda Castles, the Consumer’s researcher and test writerv, tested 16 locally
grown fruit and vegetables grown through different systems, organic and
conventional, for more than 200 pesticides. Sixteen pesticides were detected, nine of
which are already banned in the EU. Products were brought from commercial
premises (Supermarkets and Common Sense Organics) and when testing the foods
for insecticide residues none that were certified organically grown had any pesticide
residues. However the commercial conventionally grown ones tested positive for
pesticides.
Adjuvants in full formulations
24. It has been found that the active principle, which is what the EPA assesses, becomes
far more toxic when it is combined into a full formulation. Mesnage et al
(2014)vi found that Adjuvants in pesticides, which escape assessment, as they are
declared inert, were able to increase the active principles toxicity up to 1000 times.
Mesnage and Antoniou (2018)vii confirmed the previous findings in a published
study that found the adjuvants in the full formulation were far more toxic than the
active ingredient on its own.
Alternative pest control products to these ecocide OPCs

25. There are effective natural pest management controls that can be used instead of
these toxic ecocide pesticides.
26. For the control of sucking insects that are common pests in citrus orchards and
glasshouses there is BioNeemviii a registered product.
27. The dangerous health and environmental effects both persistent, cumulative, past,
present and future that have been brought to light from OPCs should not be allowed
to persist.
In Summary
1. Commercial food production free of toxic insecticides can be grown successfully
using regenerative organic methods.
2. Toxic residues of OPCs are still being found in fruit and vegetables.
3. We recommend that the EPA consider adding parent compounds whose metabolites
are banned.
4. The active principle becomes more toxic when adjuvants are compounded in full
formulations
5. There are alternative pest control products to these ecocide OPCs
6. Delay in banning OPCs has deleterious environmental and health effects
7. We support the decision of the EPA to remove diazinon, fenamiphos and
methamidophos insecticides from the market and oppose any extension of time.
Nga mihi

GE Free New Zealand in Food and Environment
References:
i

Hallmann CA, Sorg M, Jongejans E, Siepel H, Hofland N, Schwan H, et al. (2017) More than 75 percent
decline over 27 years in total flying insect biomass in protected areas. PLoS ONE 12 (10): e0185809.
https://doi.org/10.1371/journal. pone.0185809

ii

Acephate http://npic.orst.edu/factsheets/archive/acephatech.html

iii

http://npic.orst.edu/factsheets/archive/acephatech.html#references

Appendix 7.1: Agricultural chemical residues and 2016 NZTDS foods in which they were detected
https://www.mpi.govt.nz/dmsdocument/43177-2016-NZ-Total-Diet-Study-with-Appendicesreportiv

v

https://www.consumer.org.nz/articles/pesticides-in-fruit-and-vege

Mesnage R, Defarge N, Spiroux de Vendômois J, Séralini GE. Major pesticides are more toxic to
human cells than their declared active principles. Biomed Res Int. 2014;2014:179691. doi:
10.1155/2014/179691. Epub 2014 Feb 26. PMID: 24719846; PMCID: PMC3955666.

vi

Mesnage R, Antoniou MN. Ignoring Adjuvant Toxicity Falsifies the Safety Profile of Commercial
Pesticides. Front Public Health. 2018 Jan 22;5:361. doi: 10.3389/fpubh.2017.00361. PMID:
29404314; PMCID: PMC5786549

vii

viii https://www.grosafe.co.nz/organics/bioneem-200ml/

REVIEW
published: 18 August 2020
doi: 10.3389/fmicb.2020.02045

Degradation of Acephate and Its
Intermediate Methamidophos:
Mechanisms and Biochemical
Pathways
Ziqiu Lin 1,2 , Shimei Pang 1,2 , Wenping Zhang 1,2 , Sandhya Mishra 1,2 , Pankaj Bhatt 1,2 and
Shaohua Chen 1,2*
1

State Key Laboratory for Conservation and Utilization of Subtropical Agro-bioresources, Integrative Microbiology Research
Centre, South China Agricultural University, Guangzhou, China, 2 Guangdong Laboratory for Lingnan Modern Agriculture,
Guangzhou, China

Edited by:
Xing Huang,
Nanjing Agricultural University, China
Reviewed by:
Jun wei Huang,
Anhui Agricultural University, China
Qing Chen,
Zaozhuang University, China
Sikandar I. Mulla,
REVA University, India
Willian Garcia Birolli,
Federal University of São Carlos,
Brazil
*Correspondence:
Shaohua Chen
shchen@scau.edu.cn
Specialty section:
This article was submitted to
Microbiotechnology,
a section of the journal
Frontiers in Microbiology
Received: 23 May 2020
Accepted: 03 August 2020
Published: 18 August 2020
Citation:
Lin Z, Pang S, Zhang W,
Mishra S, Bhatt P and Chen S (2020)
Degradation of Acephate and Its
Intermediate Methamidophos:
Mechanisms and Biochemical
Pathways. Front. Microbiol. 11:2045.
doi: 10.3389/fmicb.2020.02045

Acephate is an organophosphate pesticide that has been widely used to control insect
pests in agricultural fields for decades. However, its use has been partially restricted
in many countries due to its toxic intermediate product methamidophos. Long term
exposure to acephate and methamidophos in non-target organisms results in severe
poisonous effects, which has raised public concern and demand for the removal of
these pollutants from the environment. In this paper, the toxicological effects of acephate
and/or methamidophos on aquatic and land animals, including humans are reviewed,
as these effects promote the necessity of removing acephate from the environment.
Physicochemical degradation mechanisms of acephate and/or methamidophos are
explored and explained, such as photo-Fenton, ultraviolet/titanium dioxide (UV/TiO2 )
photocatalysis, and ultrasonic ozonation. Compared with physicochemical methods, the
microbial degradation of acephate and methamidophos is emerging as an eco-friendly
method that can be used for large-scale treatment. In recent years, microorganisms
capable of degrading methamidophos or acephate have been isolated, including
Hyphomicrobium sp., Penicillium oxalicum, Luteibacter jiangsuensis, Pseudomonas
aeruginosa, and Bacillus subtilis. Enzymes related to acephate and/or methamidophos
biodegradation include phosphotriesterase, paraoxonase 1, and carboxylesterase.
Furthermore, several genes encoding organophosphorus degrading enzymes have
been identified, such as opd, mpd, and ophc2. However, few reviews have
focused on the biochemical pathways and molecular mechanisms of acephate and
methamidophos. In this review, the mechanisms and degradation pathways of acephate
and methamidophos are summarized in order to provide a new way of thinking for the
study of the degradation of acephate and methamidophos.
Keywords: toxicology, physicochemical degradation, microbial degradation, degradation pathways, degradation
mechanisms, gene
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soil (He et al., 2017). Studies have shown that methamidophos
residues may decrease the total microbial biomass carbon
and fungal biomass (Li et al., 2008; Wang et al., 2008).
In recent years, acephate and methamidophos have been
detected in a variety of vegetables and fruits (Mohapatra et al.,
2011; Syed et al., 2014; Andrade et al., 2015). At present,
acephate and methamidophos have become a focus of public
concern due to the harmful effects of pesticide exposure on
invertebrates, mammals, and humans (Yao et al., 2018). The
human body has limited metabolic capacity for acephate
and methamidophos, and it may results in hyperglycemia,
lipid metabolism disorder, DNA damage, increased oxidative
stress, and risk of carcinogenesis after long-term exposure
(Chang et al., 2009).
In recent years, many researchers have studied the
different degradation processes for the removal of acephate
and methamidophos from polluted environments. photoFenton processes, UV/TiO2 , ultrasonic ozonation, and
ionizing irradiation, etc. are widely studied for acephate or
methamidophos (Dai et al., 2008; Wang et al., 2015; Yang
et al., 2015; Zheng et al., 2016). Efficient and environmentally
friendly microbial degradation has been considered as the most
promising remediation method (Cycoń and Piotrowska-Seget,
2016; Bhatt et al., 2019; Pang et al., 2020; Feng et al., 2020; Zhang
et al., 2020). Several degrading microorganisms with partial or
complete degradation capacity of acephate or methamidophos
have been isolated and characterized, such as Lysinibacillus
fusiformis, Pseudomonas sp., Pseudomonas pseudo alcaligenes,
Bacillus subtilis, Pseudomonas azotoformans, and Pseudomonas
putida (Lin et al., 2016; Maddela and Venkateswarlu, 2017;
Singh et al., 2017, 2020).
Furthermore, there are many studies on the degradation
pathways of acephate and methamidophos as well as studies
on related functional genes and enzymes (Li et al., 2007;
Shen et al., 2010; Chino-Flores et al., 2012; Kumar et al.,
2018). Microorganisms metabolize pesticides through their
respective degradation pathways, and the metabolic capacity of
microorganisms can be improved by recombination technology
(Pinjari et al., 2013; Arora et al., 2017; Cycoń et al., 2017;
Zhang et al., 2018; Lin et al., 2020). Microbial degradation
of acephate and methamidophos is a potential tool for largescale pollutant removal. Thus, biodegradation of acephate and
methamidophos also should be concerned. We emphasize the
role of physicochemical degradation and biodegradation for
large-scale treatment of acephate and/or methamidophos
contamination. However, few reviews have focused on
the degradation mechanisms and biochemical pathways of
acephate and methamidophos (Maqbool et al., 2016; Kumar
et al., 2018; Jiang et al., 2019). We emphasize the role of
biodegradation for large-scale treatment of acephate and/or
methamidophos contamination.
This paper reviews (I) the toxicity of acephate and
methamidophos, and their removal; (II) the different oxidation
or reduction methods of physicochemical degradation; (III)
the different types of natural degradation strains, or genetically
engineered microorganisms; (IV) the organophosphorus
degrading enzymes and their encoding genes.

INTRODUCTION
Organophosphate compounds (OPs) are one of the most widely
used pesticides because of their broad spectrum, specificity, and
high efficiency toward insects and pests (Mulla et al., 2020).
Acephate and methamidophos are two of the most common and
efficient OPs that are used for pest control in agriculture (Maia
et al., 2011; Kumar et al., 2015; Pan et al., 2015).
Acephate [O, S-dimethyl-acetyl-phosphoramidothioate,
molecular weight (MW) = 183.17] (Figure 1) is a systemic
insecticide that effectively controls various pests on ornamental
plants, cotton, beans, and head lettuce as well as parasites on
mammalians. It is a good substitute because it is less toxic than
methamidophos (Mahajna et al., 1997). Acephate is a class
II “moderately hazardous” pesticide, but methamidophos is
classified as a class IV “highly toxic” pesticide (World Health
Organization [WHO], 2009). Acephate is highly water-soluble
and can easily contaminate groundwater and soil, which is also
easily absorbed by plants and accumulated in edible parts of
plants (Mohapatra et al., 2011; Syed et al., 2014).
Methamidophos (O, S-dimethyl phosphoramidothioate,
MW = 141.12) (Figure 1) is also a systemic insecticide
effective against chewing and sucking insects and is one of
the intermediate products of acephate (Farag et al., 2012;
Araoud et al., 2016). Methamidophos mainly leads to enzyme
inactivation by phosphorylation of the serine residues of
acetylcholinesterase (AChE) and butyrylcholinesterase (BuChE)
active site (Lugokenski et al., 2012). It exerts high toxicity not
only through the persistent inhibition of AChE but also through
the complex blocking action on neuronal nicotinic acetylcholine
receptors (nAChRs), which is different from the inhibition
of AChE (Di et al., 2004). In addition, methamidophos can
inhibit the activity of carboxylase in cells (Mahajna et al., 1997).
Because of its high efficiency, methamidophos was extensively
used in large amounts in many parts of the world before 2013.
Methamidophos has been restricted in China since 2013 but
is still extensively used in many other developing countries
(Araoud et al., 2016).
Acephate and methamidophos are used in enormous
quantities because of their high efficiency in agriculture and
other industrial purposes, which leads them to remain in
various environments for many years (Konstantinou et al.,
2006; Lugokenski et al., 2012; Dar et al., 2020). Acephate
and methamidophos have both hydrophilic and hydrophobic
properties that assist them easy movement between water and

FIGURE 1 | The structure of acephate and methamidophos.
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disorders in mice, whereas changes in some endogenous
metabolites lead to kidney damage and disrupt normal metabolic
processes in rats, including glucose, nucleic acid, and protein
metabolism (Hao et al., 2012). Methamidophos can cause
lesions in the testis and epididymis, characterized by obstruction
of spermatogenesis in the testis and severe edema in the
epididymis, respectively (Farag et al., 2012). Methamidophos can
cause DNA damage at different stages of spermatogenesis and
reduce sperm quality in mice through acrosomal response and
fertilization ability assessment (Urióstegui-Acosta et al., 2014). In
addition, methamidophos also decreases the expression of zonula
occludens protein 2 (ZO-2) in sperm cells of spermatic tubules,
induces phosphorylation of ZO-2, and occludens in the testes.
It also reduces the interactions between these proteins assessed
by immunoprecipitation, which leads to reproductive toxicity in
male mice (Ortega-Olvera et al., 2018).
The human body can be very vulnerable when exposed to
methamidophos or acephate. Acephate could be a genotoxin,
which would make it a severe threat to human health.
It can cause chromosomal changes and DNA damage in
human lymphocytes (Özkan et al., 2009). Moreover, it is
suggested that acephate also exhibits cytotoxic and genotoxic
effects on human sperm by disrupting sperm motility, cell
membrane integrity, and sperm volume (Dhanushka and Peiris,
2017). In addition, methamidophos increases the generation
of oxidative stress in human peripheral blood mononuclear
cells (Ramirez-Vargas et al., 2017). The accumulation caused
by the widespread use of acephate and methamidophos
has led to toxic effects among many biological systems
and has caused many health problems. Growing concern
about the accumulation of pesticide residues in our food,
soil, and wastewater has led to a great deal of interest
in their removal.

TOXIC EFFECTS OF ACEPHATE AND
METHAMIDOPHOS
The extensive use and long term exposure to acephate and
methamidophos results in the cumulative effect of these
compounds release into the environment, which consequently
results in the direct or indirect poisoning of non-target
organisms. We summarize the toxic effects of acephate and
methamidophos on aquatic and land animals, including humans
in Table 1.
Zebrafish is a commonly used model test organism due to
its advantages of high genetic and organ system homology to
humans, external fertilization, high fecundity, and transparency
in early adulthood (Liu et al., 2018). It has reported that
methamidophos exposure may affect neurodevelopmental
genes and activate intracellular apoptosis, leading to early
developmental neurodamage in zebrafish (He et al., 2017).
The brain may be an important target of methamidophos
toxicity in zebrafish, revealing the potential neurotoxicity
of methamidophos to other aquatic species and humans
(Rodríguez et al., 2012; Peng et al., 2015; He et al., 2017).
Zebrafish embryo development retardation, larval deformities,
and decreased chorionic surface tension were also induced
by exposure to acephate (Liu et al., 2018). Since acephate
and methamidophos are prone to accumulate in water, large
quantities of residual pesticides are frequently exposed to and
ingested by aquatic organisms. Water is the source of life, and
pesticide residues in water can also pass to other living beings
through the food chain.
Drosophila is also a model test organism that has amazing
similarities in gene structure and function with higher
vertebrates. Acephate contamination at higher concentrations
than 5 g/mL can cause DNA damage and mortality in the fruit
fly, and it may disrupt the balance of oxidase and antioxidant
enzymes, such as catalase (CAT), glutathione-S-transferase
(GST), cytochrome P450 (CYP450), AChE, and superoxide
dismutase (SOD) (Rajak et al., 2017). Chronic toxicity of
acephate to honeybees is characterized by weight loss and
esterase inhibition (Yao et al., 2018). Earthworms exposed
to soil containing acephate also experience oxidative stress,
characterized by lipid peroxidation, protein oxidation, DNA
damage, and changes in antioxidant enzyme status (Phugare
et al., 2012). Acephate not only significantly reduces the
antioxidant capacity of bird liver and kidney but also increases
lipid peroxidation, interleukin and tumor necrosis factor in both
organs and also affects the immune response (Tripathi et al.,
2012; Farag et al., 2017). Methamidophos had a toxic effect on the
number of viable counts, morphology, and histological changes
of corpus luteal cells and progesterone production in bovines
(Afzal et al., 2011).
Overuse of acephate and methamidophos can lead to an
increase in high blood sugar, impaired metabolism, DNA
damage, reproductive barriers, and cancer in rats (Maia et al.,
2011; Araoud et al., 2016; Ribeiro et al., 2016). Acephate
alters glucose metabolism in pregnant and lactating rats and
predisposes their offspring to type 2 diabetes in adulthood
(Ribeiro et al., 2016). Exposure to acephate may lead to metabolic
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PHYSICOCHEMICAL DEGRADATION
METHODS OF ACEPHATE AND
METHAMIDOPHOS
Physical adsorption and chemical degradation methods were
first proposed to remove acephate and methamidophos from
the environment. The advantages of physical adsorption and
chemical degradation methods lie in their broad spectrum of
pollutants, their adaptability to the environment, and their
effectiveness. Advanced oxidation processes (AOPs) are a more
efficient composite technology that combines the advantages
of different physicochemical degradation methods to more
efficiently remove methamidophos and acephate; examples of
these methods include photo-Fenton process, UV/TiO2 , and
ultrasonic ozonation (Dai et al., 2008; Wang et al., 2015;
Zheng et al., 2016).

Physicochemical Degradation of
Acephate
Physicochemical methods play an important role in the
degradation of acephate. In the absence of surfactants, colloidal
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TABLE 1 | Toxic effects of acephate and methamidophos.
No.

Pesticides

Dose and time of
treatment

Study samples

Findings

References

1

Acephate

12.5–200 mg/L for 48 h

Human peripheral
lymphocytes

All concentrations of acephate induced significant increase in
the frequency of chromosomal aberrations (CAs) and in the
formation of micronuclei (MN) dose dependently

Özkan et al.,
2009

2

Methamidophos

10–100 mg/L for 96 h

Buffalo corpus
luteum (CL) cells

Viable cell counts and progesterone concentration decreased
significantly with dose and length of time

Afzal et al.,
2011

3

Methamidophos

1–3 mg/L for 4 weeks

Mice

Methamidophos (>2 mg/L) caused the decrease of Perm
motility and count in male mice and the number of live fetuses
in females

Farag et al.,
2012

4

Methamidophos

0.002 mg/kg for
15 days

Male mice

Methamidophos reduced the number of normal spermatozoa,
weights of seminal vesicle, and testosterone levels

Maia et al.,
2011

5

Acephate

0.5–4.5 mg/kg/day for
24 weeks

Rats

Acephate caused renal injury and perturbed the normal
metabolic processes of rats

Hao et al.,
2012

6

Acephate

5–10 mg/kg for 7 days

Earthworms

Earthworms suffered from increased lipid peroxidation, protein
oxidation, DNA damage, and altered antioxidant enzyme status

Phugare et al.,
2012

7

Acephate

21.3–42.6 mg/kg for
28 days

White Leghorn
cockerels

Body weight ratios of immune organs were significantly
suppressed

Tripathi et al.,
2012

8

Methamidophos

3.75–5 mg/kg for
45 days

Mice

Methamidophos altered sperm function and DNA at different
stages of spermatogenesis

UriósteguiAcosta et al.,
2014

9

Methamidophos

0.6–3 mg/L for 4 weeks

Rats

All the methamidophos-treated rats had significantly higher urea
and uric acid levels

Araoud et al.,
2016

10

Methamidophos

10 mg/L for 144 h

Flounders

Methamidophos evidently induced changes or damage to the
flounder tissues

Peng et al.,
2015

11

Methamidophos

0–80 mg/L for 72 h

Human peripheral
blood mononuclear
cells (PBMCs)

Methamidophos increased the generation of oxidative stress in
PBMCs

Ramirez-Vargas
et al., 2017

12

Acephate

2.5 mg/kg/bw in
7th–21th days

Rats

Fetal exposure to acephate may predispose offspring to type 2
diabetes and dyslipidemia during adulthood

Ribeiro et al.,
2016

13

Acephate

5 µg/mL for 24 h

Drosophila
melanogaster

Acephate caused DNA damage, cell damage, and activity
change of enzymes

Rajak et al.,
2017

14

Acephate

100 µg/mL for 3 h, or
200 µg/mL for 1 h

Human sperm

Acephate has cytotoxic and genotoxic effects on sperm

Dhanushka and
Peiris, 2017

15

Acephate

85.2 mg/L for 4 weeks

Broiler Chicks

Acephate significantly affected blood cells and lipid profile and
significantly decreased the antioxidant capacity of liver and
kidneys

Farag et al.,
2017

16

Methamidophos

25 and 500 µg/L for
72 h

Zebrafish

Methamidophos affects the neurodevelopmental genes and cell
apoptosis in the brain

He et al., 2017

17

Acephate

0.168 mg/L or
6.97 mg/L for 48 h

Honey bees

Acephate inhibited activity of the glutathione S-transferase
(GST), and acetylcholinesterase (AChE) at residue concentration

Yao et al., 2018

18

Acephate

0.01–100 mg/L for 48 h

Zebrafish

Acephate induced zebrafish developmental delay and
malformation and decreased embryonic surface tension.

Liu et al., 2018

19

Methamidophos

5 mg/kg for 4 days

Mice

Methamidophos opens the blood–testis barrier

Ortega-Olvera
et al., 2018

20

Acephate

50 mL of 50%
acephate solution

Humans

Acephate and its metabolite methamidophos may cause acute
lethal poisoning

Takayasu et al.,
2019

21

Methamidophos

0.004 mg/kg for 15 and
50 consecutive days

Mice

Short- and long-term exposure to methamidophos impaired
spermatogenesis

Carvalho et al.,
2020

manganese dioxide has been shown to degrade acephate
by oxidation (Qamruzzaman, and Nasar, 2014). Ultrasonic
degradation is a physical degradation method with simple
operation and few byproducts, whose main mechanisms are
mechanical bond breaking and free radical reaction. When
the ultrasonic power is high enough, the liquid produces
instantaneous negative pressure, local high temperature,
and a high-pressure environment, which finally cause water
molecules to break up and become strong oxidants, such as

Frontiers in Microbiology | www.frontiersin.org

hydrogen peroxide radicals (•OOH) and hydroxyl radicals
(•OH) (Shriwas and Gogate, 2011; Golash and Gogate,
2012). Ultrasound and ozonization have synergistic effects
in complex systems. The degradation efficiency of acephate
ozonization can be increased from 60.6 to 87.6% in 60 min
with 160 kHz ultrasound irradiation because it can improve
the oxidizability of nitrogen atoms (Wang et al., 2015). Under
visible light irradiation, nanocomposite Co3 O4 /McM-41
can completely remove acephate in 40 min (50 mg/L) or
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FIGURE 2 | The degradation pathways of acephate reacted with •H and •OH (based on Liu et al., 2015; Wang et al., 2015; Huang et al., 2018; AbuKhadra et al.,
2020).

combination of multiple degradation methods may improve the
degradation efficiency.
The degradation of acephate mainly involves the destruction
of N-C, P-N, P-S, or P-O bonds and the generation of the
main intermediate products O-methl-N-acetylphosphoramidate
and the more toxic methamidophos (as shown in Figure 2).
Previous researchers have used 60 Co irradiation, which has
led to many studies on the degradation efficiency, degradation
pathways, and degradation dynamics (Sun et al., 2015; Yang
et al., 2015; Huang et al., 2018). Chemical degradation mainly
results in the generation of free radicals in the medium,
such as e−
aq and negative hydrogen ions (•H) and hydroxyl
radicals (•OH) (Yang et al., 2015). Reducing and oxidizing
free radicals play different roles in the degradation of acephate
and methamidophos, so negative hydrogen ions (•H) and
hydroxyl radicals (•OH) have different reaction kinetics from
acephate, which leads to two different degradation pathways
of acephate (Zhao et al., 2009). Negative hydrogen ions (•H)
degrade acephate more quickly but produce fewer inorganic
ions, while hydroxyl radicals (•OH) catalyze over more steps

60 min (100 mg/L) (AbuKhadra et al., 2020). Under the same
conditions of Co3 O4 /McM-41, ZnFe2 O4 –TiO2 can remove
89.5% of acephate within 120 min, and the optimal value
of the photocatalyst and H2 O2 dosage of this degradation
is 2.0 g/L and 8 mmol/L, respectively (Fu et al., 2012).
TiO2 is often used as a catalyst due to its advantages of
low cost, good chemical stability, and high catalytic activity.
Compared to Sr/TiO2 –PCFM, which is not modified, the
modified Sr/TiO2 –PCFM shows preferential degradation of
acephate and can degrade target pollutants more quickly
and efficiently (Liu et al., 2019). Furthermore, photocatalyst
Fe3 O4 @SiO2 @mTiO2 has a larger surface area and a stronger
magnetic response, which can effectively degrade acephate,
omethoate, and other organophosphorus pesticides (Zheng
et al., 2016). The photocatalytic degradation rate of acephate
(675 g.a.i./h) was shown to be 93.5% in a field trial after
adding cerium-doped nano titanium dioxide (TiO2 /Ce)
(2400 g.a.i./h) for 20 h (Liu et al., 2015). TiO2 is a potential
and efficient chemical catalyst for the removal of environmental
pesticide residues, which deserves further study. In addition, a
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FIGURE 3 | The photodegradation pathways of methamidophos catalyzed by TiO2 (based on Dai et al., 2008; Martiìnez-Huitle et al., 2008).

to produce more inorganic ions. As nucleophiles, negative
hydrogen ions (•H) may first attack the P = O and C = O
bonds, causing the electrons to delocalize and form temporary
conjugated systems in the O-P-N-C-O bonds. When the P-N
bond is disconnected, the acephate is subsequently formed
with ammonium ions (NH+
4 ) and formic acid. At the same
time, the C-S and C-O bonds of the product methamidophos
are broken successively, resulting in phosphoric acid, sulfate
radical, and a methyl group. In contrast, hydroxyl radicals

Frontiers in Microbiology | www.frontiersin.org

(•OH) are strong electrophilic reagents that first attack the
negatively charged S, O, and N atoms of acephate. As a
result, the fracture of the P-N bond produces acetamide and
phosphoric acid. The break between the P-N bond and the P-S
bond produces acetaminophosphoric acid, which then produces
acetamide, phosphoric acid, or ethanedioic acid. Whether in the
presence of negative hydrogen ions (•H) or hydroxyl radicals
(•OH), acephate will eventually be completely degraded to
inorganic salts.
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TABLE 2 | Microbial degradation of acephate and methamidophos.
No.

Strains or community

Sample sources

Detected metabolites

Findings

References

1

Hyphomicrobium sp.
MAP-1

Methamidophoscontaminated
soil

O, S-dimethyl
phosphorothioate;
O-methyl
phosphoramidate; S-methyl
phosphoramidate

Methamidophos (3000 mg/L) can
be used as the sole carbon,
nitrogen, and phosphorus source
for growth and can be completely
degraded in 84 h

Wang et al., 2010

2

Penicillium oxalicum
ZHJ6

Methamidophoscontaminated
soil

O, S-dimethyl
phosphorothioate;
O-methyl phosphoramidate

99.9% of methamidophos
(1000 mg/L) was degraded in
12 days

Zhao et al., 2010

3

Luteibacter
jiangsuensis sp.
JW-64-1T

Methamidophosmanufacturing
factory

/

60% of methamidophos
(1000 mg/L) was degraded in 96 h

Wang et al., 2011

4

Pseudomonas sp.
Ind01

Activated sludge

Methamidophos; O,
S-dimethyl
phosphorothioate; O,
O-dimethyl
phosphoramidate;
O-methyl phosphoramidate

The bacterium can fully utilize
10 mM acephate within 15 h, and
can tolerate 80 mM acephate

Pinjari et al., 2012

5

Consortium of
Exiguobacterium sp.
BCH4 and
Rhodococcus sp.
BCH2

Agricultural soil

Methamidophos; O,
S-dimethyl hydrogen
thiophosphate; S-methyl
dihydrogen thiophosphate;
methyl dihydrogen
phosphate

75.85% of acephate (50 mg/L) was
degraded within 6 days

Phugare et al., 2012

6

Pseudomonas
aeruginosa Is-6

Agricultural soil

Methamidophos; O,
S-dimethyl
phosphorothioate

50 mg/L of methamidophos was
completely degraded within 72 or
96 h, respectively

Ramu and
Seetharaman, 2014

7

Pseudomonas
azotoformans ACP1;
Pseudomonas
aeruginosa ACP2;
Pseudomonas putida
ACP3

Industrial soil, India

Methamidophos; S-methyl
O-hydrogen
phosphorothioamidate;
phosphenothioic S-acid;
phosphenamide

The strain can degrade acephate
effectively under the influence of
metal ions and humic acid

Singh et al., 2020

8

Pseudomonas sp.

Soil

/

This strain can degrade acephate
and buprofezin at low
concentrations

Maddela and
Venkateswarlu, 2017

9

Acinetobacter sp.,
Pseudomonas stutzeri;
Pseudomonas
aeruginosa

Organophosphoruscontaminated
soil

/

80% of methamidophos (500 mg/L)
can be degraded in 3 days

Li et al., 2014

10

Lysinibacillus fusiformis,
Pseudomonas
pseudoalcaligenes,
Pseudomonas sp.,
Pseudomonas
pseudoalcaligenes,
Bacillus cereus

Agricultural soil

/

All the bacterium can use acephate
(500 mg/L) as the sole carbon
source

Mohan and Naveena,
2015

11

Bacillus subtilis
FZUL-33

Sediment of a lake

/

The bacterium can degrade
acephate–Pb(II) compound
contaminants

Lin et al., 2016

12

Pseudomonas
pseudoalcaligenesPS-5

Heavy metal polluted
site

/

More than 95% of acephate
(100 mg/L) was degraded within
14 days

Singh et al., 2017

13

Agrobacterium sp.
Yw12

Activated sludge

/

43.21% of methamidophos
(50 mg/L) was degraded within
96 h

Wang et al., 2012

14

Staphylococcus
rosenbach

Methamidophoscontaminated
soil

/

39.8% of methamidophos was
degraded in 72 h, with 0.31% of
glucose and 0.09% of peptone

Zhang et al., 2013

15

Mucor sp.

/

/

The immobilized fungus removes
high concentrations of acephate

Zang et al., 2013

(Continued)
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TABLE 2 | Continued
No.

Strains or community

Sample sources

Detected metabolites

Findings

References

16

Aspergillus sp.

Rotten pap

/

Organophosphonates are used as
the sole phosphorus source for
microbial growth

Adelowo et al., 2015

17

Enterobacter ludwigii
M2

Suburb soil, China

/

Strains can degrade
organophosphorus pesticide
residues

Zhao et al., 2014

18

Brevundimonas faecalis
MA-B12, Alcaligenes
faecalis sub sp.,
parafaecalis MA-B13,
Citrobacter freundii
TF-B21; Ochrobactrum
intermedium TF-B23;
Ochrobactrum
intermedium DVB31;
Bacillus cereus

Farmland soils, China

/

Biodegradation rates of
organophosphorus pesticide
(including methamidophos) range
from 58.08 to 96.42% in 8 days

Jiang et al., 2019

19

Sphingobium sp.

Agricultural soil, Korea

/

Strains can degrade
organophosphorus with P-S bonds

Ahn et al., 2018

great significance for electrochemical degradation. In addition,
an adsorption material with good removal performance of
methamidophos was obtained through modifying the structure
and morphology of natural zeolite with 25 mmol/L hexadecyltrimethyl-ammonium bromide (HDTMA) (Alvarez-García et al.,
2020). Adsorption is considered to be a low-cost and simple
water separation process, but it still needs to improve its material
structure to enhance its adsorption capacity.
The possible photodegradation pathways of methamidophos
catalyzed by TiO2 is shown in Figure 3 and first involves
the cracking of P-S, P-N, and P-O bonds. When the P-S and
P-O bonds of methamidophos are broken, P atoms react with
methyl radicals to form [amino (methylsulfanyl) phosphoryl]
methane and [amino (methoxy) phosphoryl] methane, which
are further oxidized to P-formylphosphonamiddothioate
and phosphine carboxylic acid, respectively. When the
P-N bond of methamidophos is broken, an O, S-dimethyl
phosphonothioate dimer is generated, which is more prone to
further degradation. The intermediate products 1-aminoethanol
and trimethoxymethane form the products acetamide and
dimethoxymethanol, respectively, resulting in complete
mineralization. Phosphoric acid is the main final product.

Physicochemical Degradation of
Methamidophos
Many physicochemical degradation methods have been
developed for the degradation of methamidophos, which is
very important for the removal of pesticide residues in the
environment. Reductive hydrogen ions radicals (•H) can
catalyze the degradation of acephate, but they cannot catalyze
the degradation of methamidophos (Zhao et al., 2009). In
contrast, oxidizing hydroxyl radicals (•OH) can catalyze not
only the degradation of acephate but also the degradation of
methamidophos (Zhao et al., 2009). Gamma irradiation can
effectively degrade methamidophos into inorganic ions in
aqueous solution by promoting the generation of hydroxyl
radicals (•OH) in water (Zhao et al., 2009). Combined use of
multiple degradation methods is a trend to improve degradation
efficiency. The catalysis of methamidophos by UV and TiO2 has
been studied. Under UV irradiation, nano TiO2 catalyzed 95%
degradation of methamidophos within 4 h (Dai et al., 2008). In
another study, the best degradation rate of methamidophos in
water using nano TiO2 in the first 5 min reached 83.55%, which
was significantly faster than the degradation reported by other
studies (Zhang et al., 2006). It was found that the degradation
efficiency increased with the increasing temperature and pH of
the medium when the optimal amount of TiO2 was 12 g/L (Liu
et al., 2009). It was also proved that the microwave degradation
method is an effective method to remove methamidophos. In
the presence of K2 S2 O8 , over 96% of methamidophos can be
degraded by microwave irradiation within 6 min, while the
MW/K2 S2 O8 corresponding kinetic equations, half-life (t 1/2 )
and the pseudofirst-order rate constants are lnC = −0.757t + 5.9,
R2 = 0.9776; 0.916 min and 0.757/min, respectively (Zhang
et al., 2009). Even in acidic environments, the electrolysis
of the Pb/PbO2 electrode can better facilitate the removal
of methamidophos (Martiìnez-Huitle et al., 2008). Electrode
materials play a key role in electrolysis and influence the type of
byproducts; thus, subsequent research on electrode materials is of
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POTENTIAL MICROORGANISMS IN
ACEPHATE AND METHAMIDOPHOS
DEGRADATION
There is growing interest in microbiological degradation
technologies because of the risk to life of pesticide residues,
which provide cheap and efficient acephate and methamidophos
detoxification to complement expensive chemical methods.
Microbial degradation is a potential way to decontaminate
pesticide-contaminated sites (Chen et al., 2015; Yang et al.,
2018; Zhan et al., 2018; Huang et al., 2019; Bhatt et al.,
2020a). Biodegradation microorganisms including bacteria,
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FIGURE 4 | The microbial degradation pathways of acephate (based on Phugare et al., 2012; Pinjari et al., 2012; Ramu and Seetharaman, 2014; Singh et al., 2017).

promoting the first step of acephate mineralization but could
not utilize the methamidophos, which is involved in the process
of O-methyl-N-acetylphosphoramidate (Pinjari et al., 2012).
Pseudomonas pseudoalcaligenes PS-5 also completely transforms
acephate into O-methyl-N-acetylphosphoramidate, even in the
presence of heavy metal ions Cu2+ , Fe3+ , and humic acid (Singh
et al., 2017). Pseudomonas aeruginosa Is-6, a biodegradable
strain isolated from soil, can use acephate as a sole source of
carbon, phosphorus, and energy and showed 92% degradation
of acephate (1000 mg/L) in 7 days. This strain not only degrades
acephate but is also able to efficiently degrade other pesticides
like dimethoate, parathion, methyl parathion, chlorpyrifos,
and malathion. Thus, P. aeruginosa strain Is-6 shows high
degradation ability in contaminated soil, indicating its potential
in environmental remediation (Ramu and Seetharaman, 2014).
Mohan and Naveena (2015) isolated five bacterial strains, which
are identified as Bacillus cereus ADI-10, Nibacillus fusiformis

fungi, actinomycetes, yeasts, and algae can be obtained by
enrichment culture and recombination technology (Pinjari et al.,
2013; Chen et al., 2014; Birolli et al., 2019; Bhatt et al., 2020b).
At present, many researchers are looking for effective acephate or
methamidophos degrading microorganisms through enrichment
culture, including sewage treatment systems, organophosphorus
contaminated areas, industries, and agricultural fields (Chen
et al., 2012; Gao et al., 2012; Li et al., 2014; Mohan and
Naveena, 2015; Lin et al., 2016). To date, only a small number
of microorganisms have been isolated and identified that can
fully mineralize or degrade acephate or methamidophos, as
shown in Table 2.

Acephate-Degrading Microorganisms
Acephate is degraded in two main ways, including through
methamidophos
or
O-methyl-N-acetylphosphoramidate.
Pseudomonas sp. Ind01 was able to degrade acephate by

Frontiers in Microbiology | www.frontiersin.org
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FIGURE 5 | The microbial degradation pathway of methamidophos (based on Wang et al., 2010).

ADI-01, Pseudomonas pseudoalcaligenes ADI-03, Pseudomonas
sp. ADI-04, and Pseudomonas pseudoalcaligenes ADI-06. These
strains could efficiently grow and degrade acephate at 500 mg/L
without any additional carbon source and were further utilized to
analyze the mechanism of acephate degradation. In comparison
to single bacterial cultures, the use of a combined culture
of multiple strains in bioremediation was found to be more
effective in terms of better metabolic and pollutant removal
capabilities (Bhatt et al., 2020c; Li et al., 2020; Zhan et al., 2020).
Phugare et al. (2012) reported the degradation of acephate by a
bacterial consortium composed of Exiguobacterium sp. BCH4
and Rhodococcus sp. BCH2, which was capable of degrading

Frontiers in Microbiology | www.frontiersin.org

75.85% of 50 mg/L acephate. Microbial fixation is beneficial
to the improvement of microbial utilization and degradation
efficiency (Zang et al., 2013). In another study, recombinant
Escherichia coli containing organophosphorus hydrolase (OPH)
encoding plasmid was immobilized at a low temperature in
polyvinyl alcohol (PVA) cryogel to form a biocatalyst with high
activity, stability, and mechanical strength (Hong and Raushel,
1999). Fungi can be potential degrading microorganisms due
to their extensive mycelium networks and low specificity of
degrading enzymes, but only Mucor sp. has been found to be
able to degrade methamidophos and acephate (Zang et al., 2013;
Maqbool et al., 2016). However, many degrading microorganisms
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As shown in Figure 5, only one pathway of methamidophos
degradation has been identified in microorganisms. Like acephate
degradation, PTE and phosphoamide hydrolase are involved in
the intracellular degradation. The P-N bond of methamidophos is
first hydrolyzed by phosphoamide hydrolase. With the hydrolysis
of PTE, the products O, S-dimethyl hydrogen thiophosphate
generate phosphoric acid, methyl mercaptan, and methanol
with the breaking of P-O and P-S bonds. In particular, methyl
mercaptan in methamidophos degradation bacteria generates
further dimethyl sulfide and dimethyl disulfide, which are not
found in the acephate biodegradation pathway.

have not yet been tested in the field, which is much needed for
social progress.
As shown in Figure 4, there is a diversity of acephate
degradation pathways in microorganisms. Under the catalysis
of carboxylesterase enzymes, acephate first releases the acetate
residue to form the main product methamidophos (Pinjari
et al., 2012). The product methamidophos is then hydrolyzed
to produce methyl dihydrogen phosphate, S-methyl dihydrogen
thiophosphate, or O-methylphosphoramidate with the catalysis
of phosphotriesterase (PTE), and eventually phosphoric acid
is generated. In the process of biodegradation, PTE plays a
primary role in catalyzing the first step of acephate degradation.
The breaking of the P-S and P-O bonds of acephate and its
intermediates is mainly dependent on the hydrolysis of PTE
(Chae et al., 1994; Lai et al., 1995). With the catalysis of PTE,
acephate is hydrolyzed to O-methyl-N-acetylphosphoramidate
or S-methyl phosphoramidate. The amino group is hydrolyzed
by the phosphoamide hydrolase enzyme and releases NH+
4 ions
(Ramu and Seetharaman, 2014). S-methyl phosphoramidate is
eventually catalyzed to produce phosphorous acid, phosphenic
amides, or phosphorous acid of lower molecular mass.

MOLECULAR MECHANISM OF
ACEPHATE AND METHAMIDOPHOS
DEGRADATION
Degrading Enzymes of Acephate and
Methamidophos
Acephate and methamidophos are highly toxic organophosphate
pesticides for long term use, and their microbial degradation
(including molecular and genetic mechanism) has attracted
extensive attention due to its ecofriendly effectiveness (Scott et al.,
2008). In addition, many biodegradable bacteria are effective in
laboratory liquid media, but have poor degradation ability in field
soil (Chen et al., 2013; Huang et al., 2020; Mishra et al., 2020).
Therefore, more powerful enzymatic and genetic engineering
techniques need to be applied. In the past, many researchers
have focused on extracting PTE from microbial cells, most of
which come from microorganisms and a few from other animals
(Liu et al., 2017).
Microorganisms play an important role in promoting
the degradation of these organophosphorus pesticides,
and PTE (EC 3.1.8.1) is an effective tool to degrade
organophosphorus pesticides. PTE has the stereoselectivity to
degrade organophosphorus pesticides and tends to degrade (Sp )isomers of acephate and methamidophos (Chae et al., 1994; Hong
and Raushel, 1999). Most studies of bacterial PTE have shown
extensive pH activity, and PTE purified from two bacterial strains
Pseudomonas aeruginosa F10B and Clavibacter michiganensis
subsp. insidiosum SBL11 reached peak activity at the pH value
of 9.0 (Das and Singh, 2006). Another form of PTE was isolated
from Pseudomonas monteilii, and phosphotriestercoroxon was
the only phosphorus source (Horne et al., 2002). PTE isolated
from the soil bacterium Pseudomonas diminuta significantly
promoted the hydrolysis of organophosphate triester bonds
(Ghanem and Raushel, 2005). Phosphotriesterase OPHC2,
isolated from Pseudomonas pseudoalcaligenes and belonging to
the metallo-β-lactamase superfamily, had unusual heat resistance
and some OP degradation ability (Gotthard et al., 2013).
The production of degrading enzymes is responsible for
the resistance in many animals, and the enzymes or genes
involved in organophosphorus degradation and resistance
are summarized in Table 3. The evolutionary relationships
among the functional enzymes involved in the degradation
of organophosphate pesticides are shown in Figure 6.

Methamidophos-Degrading
Microorganisms
Hyphomicrobium sp. MAP-1 can be grown using methamidophos
as its sole source of carbon, nitrogen, and phosphorus, which
can completely degrade 3000 mg/L of methamidophos within
84 h under optimum conditions (pH 7.0 and temperature
30◦ C) (Wang et al., 2010). Penicillium oxalicum ZHJ6 can
degrade 99.9% of 1000 mg/L methamidophos within 12 days
by co-metabolizing ethanol, glucose, fructose, sucrose, lactose,
starch, and dextrin as carbon sources (Zhao et al., 2010).
Acinetobacter sp., Pseudomonas stutzeri, and Pseudomonas
aeruginosa can degrade 80% of 500 mg/L of methamidophos
in 3 days under optimal conditions (pH 7.0 and temperature
30–35◦ C), which can not only use glucose, fructose, ethanol,
and gal as carbon sources and energy but can also degrade
various organophosphorus (Li et al., 2014). Isolated Luteibacter
jiangsuensis sp. nov. can effectively use methamidophos as
the sole carbon source (Wang et al., 2011). The intracellular
degrading enzymes of methamidophos have been preliminarily
discovered, and the optimum conditions have been explored
using the response surface method (Wang et al., 2012; Zhang
et al., 2013). Interestingly, some bacteria can degrade a series
of organophosphorus pesticides including methamidophos,
such as Aspergillus sp., Enterobacter ludwigi M2, and
Brevundimonas faecalis MA-B12 (Zhao et al., 2014; Adelowo
et al., 2015; Jiang et al., 2019). In particular, Sphingobium sp.
K22212 and Sphingobium sp. Cam5-1 could only degrade
organophosphorus insecticides with P-S bonds (Ahn et al., 2018).
Few microorganisms can degrade acephate or methamidophos,
or even completely mineralize them. Some bacteria only have
partial degradation abilities, in which case, the combination of
multiple strains can have a better degradation effect. Therefore,
more strains capable of adapting to the environment and of high
degradation need to be discovered.
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TABLE 3 | Genes/enzymes involved in the degradation of acephate and methamidophos.
No.

Genes/enzymes

Sources

Findings

References

1

opdE

Enterobacter sp. cons002

It consists of 753 bp and encodes a protein of 25 kDa

Chino-Flores et al., 2012

2

mpd

Sphingomonas sp. Dsp-2

It is chromosome-based

Li et al., 2007

3

ophc2

Pseudomonas
pseudoalcaligenes C2-1

Its size is 975 bp

Wu et al., 2004

4

Phe362Tyr

Lepeophtheirus salmonis

It is an acetylcholinesterase gene

Helgesen et al., 2019

5

est5S

The cow rumen-bacteria

It is an esterase gene with 1098 bp in length and a molecular
weight of 40 kDa, encoding a protein of 366 amino acid residues

Kambiranda et al., 2009
Buss and Callaghan, 2004

6

A5-B5

Culex pipiens

It is a carboxylesterase gene; The gene spacer is 3.7 Kb

7

E3

New World screwworm

It is a carboxylesterase gene with the mutation of G137D

Da Silva et al., 2011

8

ace1

B-biotype of Bemisia tabaci

It is an acetylcholinesterase gene with one mutation of Phe392Trp

Alon et al., 2008

9

ace2

B-biotype of Bemisia tabaci

It is an acetylcholinesterase gene with one silent nucleotide
polymorphisms

Alon et al., 2008

10

coe1

B-biotype of Bemisia tabaci

It is a carboxylesterase gene, which Overexpresses 4-fold

Alon et al., 2008

11

coe2

B-biotype of Bemisia tabaci

It is a carboxylesterase gene

Alon et al., 2008

12

Acetylcholinesterase
mRNA

Schizaphis graminum

It is an acetylcholinesterase gene which shows 1.1- to 3.8-fold less
sensitivity to inhibition by six OP compounds

Gao and Zhu, 2002

13

Acetylcholinesterase
cDNA

Boophilus microplus

It encodes 62 kDa protein which related to organophosphorus
pesticide resistance

Baxter and Barker, 1998

14

Acetylcholinesterase

Plutella xylostella

It is an acetylcholinesterase with the gene of A298S and G324A
mutations

Sonoda and Igaki, 2010

15

Phosphotriesterase

Pseudomonas diminuta and
Flavobacterium sp.

It is a monomeric metallo-enzyme with a molecular weight of
36,000, which catalyzes the cleavage of the phosphorus-oxygen
bond in organophosphate triesters

Chae et al., 1994

16

OPHC2

Pseudomonas
pseudoalcaligenes

It is a phosphotriesterase, belonging to the metallo-β-lactamase
superfamily

Gotthard et al., 2013

17

Phosphotriesteraselike
lactonase

Vulcanisaeta moutnovskia

It is characterized as a 82 kDa homodimer and converts lactones
and acyl-homoserine lactones (AHLs) with comparable activities

Kallnik et al., 2014

18

Paraoxonase 1

Animal

It is an A-esterase and Phase-I enzyme, which is involved in the
hydrolysis of organophosphate esters

Androutsopoulos et al., 2011

19

Acetylcholinesterase
2

Rhipicephalus microplus

Distinguish between organophosphorus resistant and susceptible
populations

Brito et al., 2017

20

Esterase 1

Rhipicephalus microplus

Distinguish between organophosphorus resistant and susceptible
populations

Brito et al., 2017

In addition to phosphotriesterase, other enzymes that detoxify
organophosphorus pesticides are also being isolated, such as
paraoxonase 1 (PON1), parathion hydrolase, and somanase
(Kumar et al., 2018). As an A-esterase, PON1 can detoxify
organophosphate pesticides in the phase-I metabolism of the
liver. The PON1-L55M and PON1-Q192R genotypes, the two
most important coding region polymorphisms of PON1, are
related to the occurrence of Parkinson’s disease, Alzheimer’s
disease, and amyotrophic lateral sclerosis (Androutsopoulos
et al., 2011). Through quantitative polymerase chain reaction
(qPCR) analysis, acetylcholinesterase 2 (AChE2) and esterase
1 (EST1) were found to be metabolic enzymes involved in the
process of allogenic biological detoxification of organophosphate
pesticides; increased synthesis of these enzymes can distinguish
between
organophosphorus-resistant
and
-susceptible
populations (Brito et al., 2017). Acetylcholinesterase (AChE,
3.1.1.7), isolated from Schizaphis graminum (Rondani), is tolerant
to organophosphate pesticides, and it can significantly improve
the resistance ability of Schizaphis graminum (Gao and Zhu,
2002). A high biotechnology potential phosphotriesterase-like
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lactonase (PLL) has been isolated, encoded by Vmut 2255
in the hyperthermoacidophilic crenarchaeon Vulcanisaeta
moutnovskia (VmutPLL) (Kallnik et al., 2014). A Phe362Tyr
mutation in the AChE gene of Lepeophtheirus salmonis protects
from pesticide toxicity (Helgesen et al., 2019). Cattle ticks, also
known as Boophilus microplus, generally have resistance to the
main organophosphate pesticides. Research that isolated acetyl
cholinesterase cDNA from Boophilus microplus indicates that it
can encode a 62 kDa protein. After translation and modification,
acetylcholinesterase can develop resistance to organophosphate
pesticides (Baxter and Barker, 1998). Rumen ecosystems are
made up of a variety of microorganisms and protozoa that
produce enzymes that help to detoxify toxic compounds in the
rumen, such as organophosphate pesticides. The cow rumen
bacterial esterase gene (est5S) is 1098 bp long, encodes a protein
with 366 amino acid residues, and has a molecular weight
of 40 kDa. The enzyme has great potential in cleaning up
contaminated pesticides (Kambiranda et al., 2009). Enzymes
isolated from insects can also be used for the biodegradation of
organophosphate pesticides.
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by saturation mutagenesis can improve the degradation
ability of OPH mutated enzymes on the P-S bonds of
organophosphorus pesticides (Schofield and DiNovo, 2010).
Through genetic engineering technology, the opd gene cloned
from Brevundimonas mututa was isogenously expressed in the
acephate-mineralizing strain Pseudomonas sp. Ind01, suggesting
that the engineered strain could degrade a variety of OP
insecticides (Pinjari et al., 2013).
The mpd and ophc2 genes are also very important in
degradation. The gene mpd has a low similarity with the
opd gene, and the mpd gene encoded enzyme can degrade
organophosphorus pesticides such as parathion and fenitrothion
(Cui et al., 2001). The mpd gene was first cloned from Plesiomonas
sp. strain M6 and then cloned from Sphingomonas sp. strain dsp2 (Cui et al., 2001; Li et al., 2007). The gene ophc2 has a size of
975 bp, and its homology is less than 50% compared with other
organophosphorus hydrolase genes in GenBank (Wu et al., 2004).
The gene ophc2 was successfully heterogeneously expressed
in Pichia pastoris and Escherichia coli by gene cloning (Chu
et al., 2006; Shen et al., 2010). The emergence of metagenomics
technology will rapidly promote the discovery of degrading
microorganisms at the gene level and gradually replace the
arduous enrichment and culture method (Jeffries et al., 2018).
With the increase of people’s knowledge of the application
of enzymes, more and more new biocatalysts with functional
properties have been studied.

FIGURE 6 | A phylogenetic tree of the key functional enzymes involved in the
degradation of organophosphate pesticides. PTE was isolated from
Pseudomonas monteilii (Horne et al., 2002). OPHC2 was isolated from
Pseudomonas pseudoalcaligenes (Gotthard et al., 2013). PLL was isolated
from Vulcanisaeta moutnovskia (Kallnik et al., 2014). Est5S was isolated from
cow rumen bacteria (Kambiranda et al., 2009). OpdE was isolated from
Enterobacter sp. (Chino-Flores et al., 2012). COE1 was isolated from Bemisia
tabaci (Alon et al., 2008). COE2 was isolated from Bemisia tabaci (Alon et al.,
2008). Esterase A5 was isolated from Culex pipiens (Buss and Callaghan,
2004). Esterase B5 was isolated from Culex pipiens (Buss and Callaghan,
2004).

Enzymes that are fixed can generally be used to improve
efficiency. In the presence of appropriate immobilization, the
degradation effect of the degrading enzyme is slightly better than
that of the free enzyme, with a higher reuse rate and easier
preservation (Jesionowski et al., 2014; Doraiswamy et al., 2019).
After a series of tests, it was determined that Wax Encapsulated
Organophosphate Hydrolase (WEOH) can be retained for 1 year
under normal temperature, with an activity reduction of 10%
(Muthyala and Gundala, 2019). More methods to improve the
degradation efficiency and reuse efficiency of enzymes need
to be developed.

Acephate and Methamidophos
Resistance
Due to the frequent use of acephate/methamidophos in
agriculture over a long period of time, insect resistance to
insecticides is on the rise. There are two molecular mechanisms
for Plutella xylostella resistance, including the reduction in
target sensitivity and the increase in detoxification. The acephate
resistance of resistant varieties of diamondback moth Plutella
xylostella was 47 times higher than that of sensitive varieties
because of the metabolic detoxification mediated by GST
and sensitivity reduction of AChEs (Sonoda and Igaki, 2010).
Further research found that A298S and G324A mutations
in AChE1 of Plutella xylostella also reduced the sensitivity
to methamidophos (Sonoda and Igaki, 2010). In addition,
CYP450 can directly detoxify OP compounds by catalyzing
oxidation/reduction reactions, and esterase can hydrolyze OP
pesticides. In a laboratory study, the increase of esterase activity
was an important reason for acephate resistance enhancement in
Indian brown planthoppers (Malathi et al., 2017).
There is a significant correlation between mutation frequency
and resistance level in natural populations. The first two
carboxylesterase genes (coe1 and coe2) were isolated from
Bemisia tabaci, in which coe1 was overexpressed (about 4fold) in the organophosphate-resistant strain. Sufficient data
and biochemical evidence support that increased coe1 and
coe2 activity is involved in Bemisia tabaci resistance to
organophosphate insecticides (Alon et al., 2008). The resistance
of organophosphate in biotype B is closely related to the
point mutation in ace1 and ace2 acetylcholinesterase. By

Genes Encoding Degrading Enzymes of
Acephate and Methamidophos
Biodegradability is determined by genes, and genetic engineering
technology may be used to carry out gene recombination
and to enhance biodegradability. Therefore, it is very
important to extract resistance genes. To date, many genes
encoding organophosphorus degrading enzymes have been
found, which will be of great support for the promotion
of organophosphorus biodegradation, such as opd, mpd,
and ophc2.
The gene opd is a widely studied gene. The opdE
gene has been isolated from Enterobacter sp. cons002,
which has a wide range of degrading activities against
organophosphorus pesticides (Chino-Flores et al., 2012).
The gene opdE consists of 753 bp and encodes a protein of
25 kDa (Chino-Flores et al., 2012). The sequential mutation
and screening of OPH encoding genes in specific codons

Frontiers in Microbiology | www.frontiersin.org

13

August 2020 | Volume 11 | Article 2045

Lin et al.

Degradation of Acephate and Methamidophos

and methamidophos can lead to critical environmental pollution
and life-threatening health problems due to the high toxicity of
methamidophos to non-target organisms. Many physicochemical
methods have been developed and applied for the remediation
of acephate and methamidophos, but they are thought to be
too expensive to use on a large scale. Therefore, microbial
degradation is considered to be a better and effective degradation
method for acephate and methamidophos. Microorganisms
capable of metabolizing acephate and methamidophos have
been isolated, but further studies are needed, such as the
continued development and utilization of degrading enzymes,
the development of engineered degrading microorganisms, and
overcoming environmental complexity. Microbial degradation
kinetics, degradation pathways, and related enzymes and
functional genes need to be further studied, as this is conducive
to the in situ repair of methamidophos and methamidophos.
Therefore, in order to understand the genetic analysis of
acephate and its related catabolic genes, we need to use advanced
molecular technologies such as metagenomics, proteomics,
and transcriptome analysis to reveal the missing links and
evolutionary mechanism and metabolic pathway involved in the
process of bio-degradation. In the future, metagenomics will
serve as a useful tool to predict microbial degradation in polluted
habitats and may facilitate the practical application of acephate
and methamidophos degrading microorganisms from various
contaminated sites.

comparison of nucleic acids and derived amino acid sequences,
there are only silent nucleotide polymorphisms in the ace2
strain and only one mutation in the ace1 strain, namely,
Phe392Trp (Phe331 in Torpedo californica) (Alon et al.,
2008). Under pressure from organophosphate pesticides, G137D
mutations in the carboxylesterase E3 gene in the New World
screwworm are associated with a general form of resistance
to acetylcholinesterase through the metabolic detoxification
of pesticides (Da Silva et al., 2011). Carboxylesterase gene
amplification can increase the organophosphate resistance
of Culex pipiens. The amplified carboxylesterase gene of
Culex pipiens resistance was originally collected in Cyprus.
Genomic DNA fragments containing two loci encoding the
carboxylesterase alleles A5 and B5 have been cloned and
sequenced; the gene spacer is 3.7 Kb in length in the A5-B5
amplituter (Buss and Callaghan, 2004). In the case of continuous
use of organophosphate pesticides, some organisms will become
more and more resistant to them.
In addition, insect resistance can also be induced under
artificial conditions. One researcher screened 25 generations of
mutant Laodelphax striatellus to obtain insect cross-resistance
to acephate, deltamethrin, imidacloprid, methomyl, carbosulfan,
and diazinon (Xu et al., 2014). In addition, the cross resistance
of Laodelphax striatellus may also be related to the participation
of CYP450s and esterases, and the overexpression of CYP6AY3v2,
CYP306A2v2, CYP353D1v2, and LSCE36 genes (Xu et al., 2014).
Insecticide-detoxifying carboxylesterase (CE) was shown to
metabolize acephate and is controlled by the gene CpCE-1 of wild
Cydia pomonella (CP) (Yang et al., 2014). Earthworms promote
the detoxification of methamidophos mainly through their
own biosorption and syntropy, especially the biodegradation
of enzymes released in the soil (Zhou et al., 2008). The
emergence of insect resistance is the result of organisms gradually
adapting to acephate and methamidophos, which is beneficial
to the extraction of resistance genes and the screening of new
biodegradation agents.
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In modern agricultural production, acephate and
methamidophos play important roles in controlling pests and
increasing the crop yield. However, improper use of acephate
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Commercial formulations of pesticides are invariably not single ingredients. Instead they
are cocktails of chemicals, composed of a designated pesticidal “active principle” and
“other ingredients,” with the latter collectively also known as “adjuvants.” These include
surfactants, antifoaming agents, dyes, etc. Some adjuvants are added to influence the
absorption and stability of the active principle and thus promote its pesticidal action.
Currently, the health risk assessment of pesticides in the European Union and in the
United States focuses almost exclusively on the stated active principle. Nonetheless,
adjuvants can also be toxic in their own right with numerous negative health effects
having been reported in humans and on the environment. Despite the known toxicity
of adjuvants, they are regulated differently from active principles, with their toxic effects
being generally ignored. Adjuvants are not subject to an acceptable daily intake, and they
are not included in the health risk assessment of dietary exposures to pesticide residues.
Here, we illustrate this gap in risk assessment by reference to glyphosate, the most used
pesticide active ingredient. We also investigate the case of neonicotinoid insecticides,
which are strongly suspected to be involved in bee and bumblebee colony collapse
disorder. Authors of studies sometimes use the name of the active principle (for example
glyphosate) when they are testing a commercial formulation containing multiple (active
principle plus adjuvant) ingredients. This results in confusion in the scientific literature and
within regulatory circles and leads to a misrepresentation of the safety profile of commercial pesticides. Urgent action is needed to lift the veil on the presence of adjuvants
in food and human bodily fluids, as well as in the environment (such as in air, water,
and soil) and to characterize their toxicological properties. This must be accompanied
by regulatory precautionary measures to protect the environment and general human
population from some toxic adjuvants that are currently missing from risk assessments.
Keywords: pesticides, adjuvants, toxicity tests, risk assessment, endocrine disruptors, surfactants

INTRODUCTION
Human tissues are impregnated with chemicals used in commercial formulations of pesticides (1),
which are collectively referred to as “pesticide residues.” This is the conclusion reached by governmental biomonitoring programs, raising questions about long-term health effects of a daily exposure
to pesticide residue mixtures. These residues generally arise from the ingestion of contaminated
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agricultural crops sprayed with herbicides, insecticides, or fungicides. However, pesticide formulations are not only used in agriculture but also in other sectors (public or private parks, gardens,
along roads and railway tracks, etc.), providing additional routes
of exposure. Some recent studies indicate that the domestic use of
insecticides (e.g., repellents, acaricides), fungicides (as furniture
treatments), or herbicides (for domestic gardening) could be a
major source of human exposure (2).
Recent toxicological studies indicate that some pesticides
cause cancer and affect the central nervous system, or even interfere with (neuro)endocrine functions, resulting in metabolic and
reproductive defects (3). However, regulatory studies have been
often unsuccessful at predicting the toxic effects of these pesticides based on the multiple tests conducted before commercial
approval (4). A number of pesticides were thus banned after decades of use because certain unexpected health effects occurred in
human populations after major contamination accidents or after
decades of exposure as highlighted by epidemiological studies.
The different ingredients present in a given pesticide formulation can be regulated differently, and some are even unregulated
because they are considered to be “inert” additives, in the sense
that are devoid of pesticide activity. However, studies have
revealed that these supposedly “inert” diluents can be more toxic
than the regulated active pesticide principles (5). We describe
here how unregulated chemicals present in commercial formulations of pesticides could provide a missing link between observed
negative health outcomes and pesticide exposure.

Figure 1 | Pesticides are never used alone but in combination with
adjuvants. Agricultural preparations of pesticides include adjuvants mixed
with an active principle to increase toxic effects. For glyphosate-based
herbicides, the active principle primarily targets the EPSPS enzyme but
needs adjuvants such as polyethoxylated tallow amine to penetrate into plant
tissues and cells. These adjuvants can also be toxic in their own right;
numerous toxic effects have been reported in humans and the environment.
However, adjuvants are regulated differently than active principles, and their
long-term toxic effects are generally ignored and thus missing from pesticide
risk assessment procedures.

half-life of metazachlor and slowed down its leaching and degradation in soil (10). Adjuvants used in pesticide formulations
also include spreaders, stickers, (anti)foaming agents, dyes, and
drift retardants that modify the physicochemical properties of
the spray mixture (Table 1) (11). For example, diesel fuel and
kerosene are used as antifoam agents to reduce foam formation in
the tank during spray mixture preparation (12). Drift retardants
such as polyvinyl and polyisobutylene polymers increase spray
droplet size and thus reduce the number of small droplets that
are susceptible to be carried and spread by the wind (9). Solvents
can also be used to increase pesticide mobility. Heptanol, octanol,
and nonanol were able to increase the mobility of 2,4-D in cell
membranes of bitter orange leaves by 25- to 30-fold (9). The composition of adjuvants depends on the physicochemical properties
of the active principle, as well as on the types of formulation
(emulsifiable concentrate, wettable powder, solution, granules,
etc.).
One should also note that adjuvants do not only increase the
penetration of the active pesticide ingredient into plants but also
of the skin of those exposed, as shown in the comparison of the
dermal penetration of atrazine, alachlor, and trifluralin to their
commercial formulations Aatrex, Lasso, and Treflan (17).

COMPONENTS OF COMMERCIAL
PESTICIDE FORMULATIONS
Commercial formulations of pesticides are invariably not single
ingredients. Instead they are cocktails of chemicals, composed of
an active principle and “other ingredients.” Sometimes also called
“inerts,” “co-formulants,” or “adjuvants,” these other ingredients
are specifically added to influence the absorption and stability
of the active principle and thus promote its pesticidal action
(Figure 1) (6). These compounds are generally included as coformulants in commercial formulations of pesticides with an
active ingredient, but they are also sold and used separately as
adjuvants and added during the preparation of the agriculturally
applied pesticide mixture. Their use is expected to increase. The
market for agricultural adjuvants, valued at USD 2.51 billion in
2015, is projected to increase by 5.8% to reach USD 3.18 billion
by 2019 (7).
The major adjuvants are surfactants. The most common
are non-ionic surfactants such as ethoxylated alkylphenols.
Surfactants are added to pesticides to form micelles, which
increase the solubility of the active ingredient and protect it from
degradation. This increases the half-life of the active ingredient
and improves its pesticidal activity (8). For instance, penetration
of the active ingredient diclofop-methyl into maize leaves was
increased by seed oil additives (9). Experiments were conducted
to estimate the effect of an addition of adjuvants (oil, surfactant,
and multicomponents) on the behavior of the herbicide active
ingredient metazachlor in soil. The adjuvants increased the
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ADJUVANTS CAN BE MORE TOXIC THAN
ACTIVE PRINCIPLES
It is recognized that adjuvants alone can have phytotoxic activities (9). However, adjuvants are generally stated to be inert for
non-target species. Historically, the classification of a compound
as either active or inert in pesticides was first introduced by the
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co-formulants, and since most of them are not compulsorily
declared, the effects of pesticides are complex and combinatorial.
The literature is quite heterogeneous because these co-formulants
vary between commercial pesticide formulations and thus have
different and/or additive side effects between themselves and with
glyphosate. In fact, this causes confusion in the scientific community, with authors not always declaring the formulation that
they tested (22). Authors even sometimes confuse commercial
formulations with the active ingredient; they state that “glyphosate” was used when in reality they employed a formulation in
their studies. The problem of reproducibility and consistency in
the results of toxicological studies (23) could be partly due to the
fact that comparisons are performed between different formulations. Some studies even compare formulations and glyphosate
alone treating the two as equivalent and therefore ignoring the
effects of adjuvants in the former (22). This adds yet further
confusion and questions over the reliability of the data obtained.
For example, a recent study investigating effects of a Roundup
formulation on damselfly larvae concluded that “the toxicity of
Roundup cannot be fully attributed to the surfactant POEA” and
that “Roundup® […] contains POEA as surfactant” (24). This is
not accurate as not all Roundup formulations contains a POEA
surfactant and that the manufacturer company Monsanto has
moved away from the use of POEA-based surfactants in their latest generation of Roundup formulations (5). The authors of this
study do not indicate which commercial formulation of Roundup
they have tested on damselfly larvae, and thus it is unknown if
POEA was present. Therefore, although they present interesting
results on the toxicity of Roundup on an environmental toxicity
indicator organism, at the same time they bring confusion to the
field by concluding that their study “confirms the toxicity of the
surfactant POEA.”
Séralini and colleagues have conducted the most extensive
study on the composition and toxicity of the different ingredients
that constitute glyphosate-based herbicides. They have compared
the toxicity of different brands of glyphosate-based herbicides
in tissue culture cell assays and showed that several commercial
formulations were up to 1,000 times more toxic than glyphosate
alone, the regulated active ingredient (5). In addition, adjuvant
mixtures generally contain several ingredients, and these can
sometimes be mixtures themselves. For example, POEAs are mixtures of diethoxylates of tallow amines with different toxicological
properties (25), which are characterized by their oxide/tallow
amine ratio. The toxicity of POEA increases as the tallow amine
chain is shortened. The most commonly used POEA is POE (15)
tallow amine (POE-15), which was used in the first formulations
of glyphosate commercialized under the trade name “Roundup.”
By using cell culture model systems, Séralini and colleagues
demonstrated that the toxicity of glyphosate-based formulations
was proportional to their concentration of POE-15 or other ethoxylated surfactants (5). The formulations that did not contain
ethoxylated surfactants were approximately 100 times less toxic
to human cells. It was quite a surprising finding to see that the
toxicity of two formulations of the same active ingredient could
differ by a factor of 100. Thus, the consumer could buy one or
another glyphosate-based herbicide formulation without being
aware of this difference in toxicity.

Table 1 | Overview of adjuvants used in pesticide formulations.
Adjuvant type

Example

Penetration agents

Petroleum or mineral oils, vegetable oils, organosilicon

Oder masking agent 1-octanal
Dyes

fd&c blue no. 1, fd&c red no. 40

Preservatives

Hexamethylenetetramine, potassium benzoate, sorbic acid

Stabilizer

Diisopropanolamine, hydroxyethylidene diphosphonic acid,
silver nitrate

Diluents

Aluminum hydroxide

Surfactants

Anionic: alkylbenzene sulfonates, sodium laureth sulfate,
soap
Cationic: dioctadecyldimethylammonium chloride
Amphoteric: cocamidopropyl betaine, cocamidopropyl
hydroxysultaine
Non-ionic: alkoxylated alcohol, ethoxylated alcohol,
nonylphenol ethoxylate, tallow amine ethoxylate, alkyl
polyoxyethylene ether

Emulsifiers

Alkanoic and alkenoic acids, monoesters and diesters
of α-hydro-ω-hydroxypoly (oxyethylene), glyceryl
monostearate, sodium metasilicate

Propellant

1,1-Difluoroethane, butane, propane

Solvents

N-methyl-2-pyrrolidone, polychloromethanes, chlorinated
volatile organic compounds, xylene, isopropanol

Antifoaming agent

silicones (e.g., dimethylpolysiloxane), fatty acids

Carriers

Biochar, cyanobacteria, clay minerals, siliceous minerals,
zinc-layered hydroxide, polymeric materials such as
chitosan, lignin, and poly(ethylene) glycol

This non-exhaustive list presents compounds grouped by category that are classically
used as adjuvants in commercial pesticide formulations. Some of these molecules can
have dual roles. For instance, surfactants (wetters) are also used as plant penetration
agents. Compiled from Ref. (13–16).

Federal Insecticide, Fungicide, and Rodenticide Act in 1947 in
the United States (18). A pesticide compound is considered to
be active when intentionally added to be toxic to target species.
All others are defined as inert ingredients, although this does
not exclude their own toxicity, including on non-target species.
However, the term “inert” was still understood as meaning biologically inactive 50 years later and, therefore safe, as shown by a
consumer survey conducted by the US Environment Protection
Agency (19). This is why the US EPA started to use the term
“other ingredients” to describe adjuvant mixtures.
In this review, we have focused on the co-formulants included
in the commercial formulations of glyphosate-based herbicides
(5), in particular the polyethoxylated tallow amines (POEAs),
which we consider as a representative good model system because
they are the most used pesticides worldwide (20) (Figure 1). We
also investigate the case of neonicotinoid insecticides, which are
strongly suspected to be involved in bee and bumblebee colony
collapse disorder.

Example 1: Glyphosate-Based Herbicides

A total of 750 different formulations of glyphosate-based herbicides are marketed worldwide (21). Indeed, each name of a given
formulation represents a different mixture of active principle
and co-formulants (Table 1). As a result of the variability in
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The study by Séralini and colleagues based on tissue culture
cell lines clearly has its limitations, including exacerbating the
observed differential toxicity profiles of the formulations tested.
However, the findings of greater toxicity of commercial formulations over glyphosate alone in vitro have been replicated in vivo in
laboratory animals (26), other animal model systems such as sea
urchins (27), microorganisms (bacteria, microalgae, protozoa),
and crustaceans (28). A more recent study on two life stages of
the Pacific oyster shows that POEA-based adjuvants can be very
toxic to embryonal and larval development (EC50, 262 µg/L)
(29). Metamorphosis tests revealed that although EC50 values
exceeded 100,000 µg/L for glyphosate and its metabolite aminomethylphosphonic acid, they were as low as ~6,000 μg/L for
some commercial formulations (30). Studies have also revealed
that some ethoxylated adjuvants can be endocrine disruptors at
lower non-toxic concentrations. Recently, it has been reported
that POEA-based adjuvants promote triglyceride accumulation
in 3T3-L1 adipocytes at concentrations from 0.1 to 10 µM (31).
This is in contrast to glyphosate alone, which did not promote
lipid accumulation in this same adipocyte cell line (Mesnage and
Antoniou, unpublished results). Another study has shown that
ethoxylated adjuvants can inhibit aromatase activity disrupting
estrogen–androgen balance (32).
A comparison of the effects of a glyphosate-based herbicide
and glyphosate at an equivalent concentration of 25 mg/kg/d
on the composition and metabolism of the gut microbiome in
Sprague-Dawley rats found that the commercial formulation but
not glyphosate alone affected the numbers of observed species in
both the cecum and the colon (33). Although glyphosate has been
patented as an antiparasitic agent and suggested to be a bacterial
antibiotic (US patent number: US7771736 B2), it is likely that
the effects of glyphosate-based herbicides on the gut microbiome
could be due to the damaging properties of surfactants present in
the adjuvant mixture on the integrity of the intestinal epithelium.
In support of this possibility is the observation that emulsifiers
have been shown to alter gut microbiome composition in mice
by sweeping the lining of the gut, which consequently gave rise
to colitis and metabolic syndrome (34).
More recently, we have shown that the chronic (2 years) administration of a glyphosate-based herbicide (Roundup) induced liver
toxic effects in rats at an environmental concentration and daily
intake of active ingredient was declared safe by regulatory agencies worldwide (35, 36). However, further research is required to
elucidate whether the glyphosate, the adjuvants, or the combination of the two is at the basis of the observed kidney and especially
liver toxicity seen in these animals. It is difficult to attribute the
toxicity of a commercial formulation to a given ingredient if they
are not tested in parallel in an experiment. Glyphosate-based
herbicides can not only contain POEA but also contain multiple
adjuvants having intrinsic toxicological properties. These formulations can also include methylchloroisothiazolinone having
allergenic properties, light aromatic petroleum distillates having
liver toxic effects, or sodium o-phenylphenate considered as possibly carcinogenic to humans (22).
This and other work has led the European Commission to recommend a ban on the use of POEA-type adjuvants in glyphosatebased herbicide products. Although this can be seen as a positive
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step forward for public health, this does not exclude the use of
POEA in other non-glyphosate-based products. For example,
in France, 126 formulations of glyphosate were removed from
the market in July 2016, but other POEA-containing pesticides
can still be bought. In addition, French farmers can still source
POEA as a separate adjuvant mixture (product name Regain,
authorization 9300433) to mix with a glyphosate formulation in
the spray tank (https://ephy.anses.fr/adjuvant/regain). POEA is
also still authorized as a co-formulant in pesticide formulations
containing other ingredients such as 2,4-D. Thus, farmers and
the general public can still readily be exposed to POEA despite it
being banned in glyphosate-based herbicides.
Furthermore, the finding that POEA is widely found in fields
in the United States where glyphosate-based herbicides are
applied (37) raises concerns that this and other classes of pesticide
adjuvants may be entering the food and feed chain undetected,
with as yet unknown health consequences.

Example 2: Neonicotinoid Insecticide
Formulations

Neonicotinoids are synthetic insecticides targeting nicotinic
acetylcholine receptors in the central nervous system of insects.
Their intensive use in agriculture has been associated with a wide
range of toxic effects on non-target organisms leading to, for
example, colony collapse disorders in social insects such as honeybees and bumblebees (38, 39). Another well-documented case
of adjuvant toxicity of note is the organosilicon surfactants used
in some neonicotinoid insecticide formulations. Organosilicon
surfactants are a class of silicon-based polymers used to modify
the surface tension of plant cells and insect cuticles to increase the
penetration of pesticide active ingredients and can constitute up
to 2% of the spray tank mix.
A series of publications by Mullin and colleagues have
revealed their profound effects on honeybees (40). This ranged
from acute toxic effects to olfactory learning impairments (41).
These authors analyzed the contamination of honey, pollen, or
beeswax by trisiloxane surfactants and found it was present in
every beeswax (up to 390 ng/g) and 60% of the pollen (39 ng/g)
samples (42). They also studied pesticide applications in almond
orchards in California and showed that the use of organosilicon
surfactants increases during the flowering season (43). This is the
period when two-thirds of US honey bee colonies are present.
This suggests that the neglect of pesticide tank mixture-derived
toxicities could account for the knowledge gap in the cause of bee
colony collapse syndrome. Although some studies suggest that
organosilicon surfactants are among the least toxic surfactants to
bacteria compared to ethoxylated surfactants such as POEA (13),
the situation is very different for honey bees as a concentration of
100 pM of an organosilicon surfactant induced 60–100% mortality when the POEA had no effect at this concentration (40). The
effects of co-formulants can also be more indirect as a study has
even shown that adjuvants can potentiate viral pathogenicity in
honey bee larvae (44).
Another more recent study showed that a co-formulant used
in insect growth regulators (N-methyl-2-pyrrolidone) can have
adverse effects on honey bee reproduction and development
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(45). The authors of this study also revealed that the adjuvant coformulants can also have an unexpected persistence. A growth
chamber experiment showed that N-methyl-2-pyrrolidone can
persist in pollen for up to 7 days at concentrations reaching
69.3 ppm. As N-methyl-2-pyrrolidone is widely used and can also
be present in neonicotinoid formulations (such as Confidor), it
has the potential to negatively affect the well-being of wild bee
populations via the use of this class of pesticides. In addition, the
N-methyl-2-pyrrolidone is a developmental toxicant and caused
malformations such as incomplete ossification of the skull in
rats, suggesting toxicity to other non-target organisms including
mammals (46).
The differential effects between neonicotinoid-based formulations and their active principles have been confirmed on other
invertebrates. The toxicity of Apache 50 WG® formulation was
found to be 46.5 times more toxic than could be explained by
its active ingredient clothianidin alone on Daphnia magna (47).
Contrastingly, preparations of Calypso 480SC® (containing thiacloprid) and Actara 240 SC® (thiamethoxam) were two to three
times less toxic than their respective active insecticide principles.

as the estimation of the hazard index. However, the current risk
management includes many safety guidance values in addition to
the ones described. Considering adjuvants as inert compromises
the validity of some pesticide environmental risk indicators, for
instance the Groundwater Ubiquity Score or the Environmental
Impact Quotient (49). It is established that the half-life of pesticide
active ingredients in soil is extended by the presence of adjuvants
as has been demonstrated for chloridazon (50). A study investigating the leaching of four pesticide formulations (azoxystrobin,
propyzamide, triadimenol, and cyproconazole) through a sandy
loam soil found that leaching was greater than was the case with
their respective active ingredients alone (51).
Neglecting adjuvants may also impact the validity of the
authorized maximum residue level (MRL). The MRL is supposed
to ensure the safety of food/feed consumption. These chemical
residue limits represent the maximum expected when applying
a pesticide according to good agricultural practice. However,
livestock feeding studies are generally performed with active
ingredients alone, which therefore ignore the mixture effects
from the adjuvants that are also consumed.
Issues regarding the differential and combined toxic effects of
pesticide ingredients can also be considered from the perspective
of chemical mixture toxicology. The understanding of combined
effects of chemical mixtures is a massive challenge for toxicology
as humans and the environment as a whole are exposed to a huge
number of chemical pollutants. To simplify this problem, a common strategy is to prioritize the study of chemical mixtures, which
are frequently found together. This is typically the case of pesticide
commercial formulations. These mixtures can be deconstructed
to either predict the toxicity of the mixture from the toxicity of
their constituents or the whole mixture can be tested directly as
it is found in the environment. According to scientific committees of the EU (adopted by EFSA), the whole-mixture approach
is recommended for any unidentified materials in the mixture
and for any interactions among mixture components (52). This
is typically the case of pesticides, which are nevertheless evaluated as single ingredients. A similar approach is suggested in the
US by the Food Quality Protection Act of 1996, which has been
implemented for pesticide assessment to reflect real-life scenarios
(53). This includes recommendations to consider aggregate risk
from exposure to some pesticide ingredients. The first, immediate
exposure to a mixture in a typical general public and occupational
context is that of active principles and adjuvants sold and used
as pesticides. Following current strategies recommended by
regulatory bodies to estimate the risk arising from the combined
exposures to pesticide residues, would thus in principle lead to the
consideration of mixture effects arising within the components of
pesticide commercial formulations.

REGULATORY GUIDANCE VALUES FOR
PESTICIDES CAN BE MISCALCULATED
BY IGNORING ADJUVANT TOXICITY
The identity of these “inert” additional adjuvant ingredients in
pesticide formulations is frequently undisclosed as they are considered to be confidential commercial information. The US EPA
has a list of compounds authorized in pesticide formulations, but
it does not require the registration or labeling of spray adjuvants.
As they are proffered as “inert,” they are ignored by regulatory
agencies in the determination of acceptable daily intake (ADI)
levels, a threshold value of exposure in terms of a unit of weight,
usually milligrams, per kilogram body weight per day of ingestion
to a “pesticide.” A dose at or below the ADI is deemed unlikely to
result in any negative health effects.
In the field of public health, a large paradigm shift took place
in the middle of the twentieth century in the form of a growing
awareness of the health risks associated with chemical pollutant exposures arising from food and feed. This resulted in the
implementation of ADIs in 1954 by the US FDA (48). The ADI
for a given pesticide active ingredient is derived from laboratory
animal experiments performed by industry in support of regulatory approval. The objective of these experiments is to ascertain
the dose of the chemical that results in a no observed adverse
effect in the animals. Once this “no observed adverse effect level”
is defined for the chemical in question, it is divided by a predetermined value to account for uncertainty factors and thus provide
a greater margin of safety. Typically, a factor of 10 is applied for
animal to human extrapolation and another factor of 10 for
interindividual variability in the human population. Testing of
whole pesticide formulations instead of just active ingredients
alone would constitute a precautionary approach ensuring that
the calculated guidance value (ADI) is valid for the worst case
exposure scenario. Such chronic tests in animals are also used to
predict other combined effects with different compounds, such
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EXPOSURES TO ADJUVANTS HAVE
HEALTH EFFECTS ON HUMAN
POPULATIONS
Tests conducted for regulatory purposes are performed with
the industry-stated active principle alone. This can be a valid
approach to establish a reference for active principles, but does
not represent the toxicological properties of the commercialized

5

January 2018 | Volume 5 | Article 361

Mesnage and Antoniou

Adjuvant Toxicity in Pesticide Assessment

products as used in both agricultural and urban/domestic environments. Chronic effects on mammals of complete commercial
formulations of pesticides are never tested. Only short-term acute
toxic effects are studied, which appears to be based on the promise
that a combined exposure to the ingredients of these formulations
is only likely to occur in exceptional circumstances such as intentional ingestion in suicide attempts and accidental exposure due
to mishandling. Nonetheless, exposure to environmental levels of
some of these adjuvant mixtures has been associated with chronic
human disease. For example, in epidemiological studies of farming populations, people exposed to supposedly inert ingredients
such as solvents or petroleum distillates present a higher risk of
their children developing hypospadias (54) and present more
allergic and non-allergic wheeze (55). A recent study identified
a role of prenatal environmental and occupational exposures to
endocrine disruptive chemicals in the development of hypospadias (56). The types of compounds involved were diverse, but
detergents, pesticides, and cosmetics accounted for 75% of the
cases of hypospadias. One should note that these are complex
mixtures, which can contain adjuvants. In fact, the role of solvents in the toxicity of pesticides is well characterized, and most
incidences of intoxication caused by organophosphorus pesticides can be attributed to their solvent content (57). Similarly,
in cases of glyphosate-based herbicide exposure, the adjuvant
content is known to be responsible for acute toxic effects (58).
Thus, it is clear that adjuvants are responsible for most cases of
acute toxicity of some commercial formulations of pesticides.
The in vitro studies conducted by Séralini and colleagues using
human cell culture model systems demonstrating far higher
toxicity of commercial pesticide formulations, namely three
insecticides (containing pirimicarb, imidacloprid, and acetamiprid), three fungicides (containing tebuconazole, epoxiconazole,
and prochloraz), and three herbicides (containing glyphosate,
isoproturon, and fluroxypyr) (59), corroborates these findings. Of
the nine formulations tested, eight were up to one thousand times
more toxic than their stated active principle. This was due to the
presence of xylene, 1-methyl-2-pyrrolidinone, solvent naphtha,
or N,N-dimethyldecanaminde, among other toxic compounds, in
the adjuvant mixtures present in the pesticide formulations (59).
In typical chronic environmental exposures, when pesticide
residues are found in tap water, food, or feed, they arise from
the total formulation and not only from the active ingredients.
Adjuvants are indeed found in groundwater. The total concentration of six alcohol ethoxylates was found to be 710 ng/L in the
groundwater of one agricultural area (60). High concentrations
of these compounds (10–190 mg/kg), as well as of nonylphenol
(25–600 mg/kg), can be found in sewage sludge collected from
treatment plants (61). Nonylphenol is of particular concern as
it is a known endocrine disruptive chemical originating from
surfactants and has been found to be involved in the widespread
feminization of wild fish in UK rivers (62). However, little is
known about the contamination of the environment, or even of
human body fluids, by surfactants used as adjuvants in pesticides.
The exposure to molecules viewed as “inert” by regulators,
but which are known to be toxic, is widespread and not limited
to agricultural pesticides. This also includes cosmetics, drugs
(including veterinary products), disinfectant products, and even
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food additives. In the United States, additives in food products
are covered and regulated by the Food Additives Amendment
passed by Congress in 1958 (63). This encompasses the status of
substances that are “generally recognized as safe,” so they can be
added to food without a review of safety by the Food and Drug
Administration. This includes synthetic dyes or preservatives,
which have been linked to negative health outcomes in humans
(34, 64). Moreover, some chemicals are considered to be active
ingredients in some products and inert adjuvants in others, with
the distinction between “inert” and “active” being more of a
regulatory question rather than a toxicology issue (65).

RECOMMENDATIONS
The study of the effects of chemical mixtures on health indicators
is frequently aired as a priority for the field of toxicology in the
twenty-first century. However, within this framework, ignoring
the toxicity of the combination of each active ingredient with its
adjuvants could lead to misrepresentations of the safety profile of
commercial pesticides. Therefore, we recommend the following
actions to protect the public from toxicity that may arise from
ingestion of adjuvants:
1. Biomonitoring of different human population groups to
identify the true body burden of adjuvant classes of chemicals.
2. Surveying of food products to accurately identify sources of
exposure.
3. Long-term laboratory animal toxicity studies comparing commercial formulations with their active principle to measure
adverse outcomes stemming from the adjuvants.
4. The gaps in knowledge and consequent uncertainties in risk
assessment concerning the toxicity of chemical mixtures,
including adjuvants, need to be acknowledged by regulators.
Thus, an additional safety factor needs to be added when
calculating MRL and ADI values.
5. All ingredients used in the manufacture of commercial formulations of pesticides should be subjected to the same risk assessment. The classification as inert or active has no scientific basis.
Given the all-pervasive nature of adjuvants in products used in
both an agricultural and urban/domestic environment, potential
toxicity arising from exposure to these chemical mixtures can
be greater than from any pesticide active principle. Although we
are aware that all chemicals have intrinsic toxicological properties and that hazardous chemical properties do not necessarily
translate into a risk for human health, it is scientifically not sound
to argue that adjuvants are so safe that they can be ignored. The
implementation of the above recommendations will allow major
progress to be made in protecting the environment and general
human population from these toxicants. Current practices in
risk assessment and regulation fall far short of providing such
protection.
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Abstract

Published: October 18, 2017

Global declines in insects have sparked wide interest among scientists, politicians, and the
general public. Loss of insect diversity and abundance is expected to provoke cascading
effects on food webs and to jeopardize ecosystem services. Our understanding of the extent
and underlying causes of this decline is based on the abundance of single species or taxonomic groups only, rather than changes in insect biomass which is more relevant for ecological functioning. Here, we used a standardized protocol to measure total insect biomass
using Malaise traps, deployed over 27 years in 63 nature protection areas in Germany (96
unique location-year combinations) to infer on the status and trend of local entomofauna.
Our analysis estimates a seasonal decline of 76%, and mid-summer decline of 82% in flying
insect biomass over the 27 years of study. We show that this decline is apparent regardless
of habitat type, while changes in weather, land use, and habitat characteristics cannot
explain this overall decline. This yet unrecognized loss of insect biomass must be taken into
account in evaluating declines in abundance of species depending on insects as a food
source, and ecosystem functioning in the European landscape.
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Loss of insects is certain to have adverse effects on ecosystem functioning, as insects play a central role in a variety of processes, including pollination [1, 2], herbivory and detrivory [3, 4],
nutrient cycling [4] and providing a food source for higher trophic levels such as birds, mammals and amphibians. For example, 80% of wild plants are estimated to depend on insects for
pollination [2], while 60% of birds rely on insects as a food source [5]. The ecosystem services
provided by wild insects have been estimated at $57 billion annually in the USA [6]. Clearly,
preserving insect abundance and diversity should constitute a prime conservation priority.
Current data suggest an overall pattern of decline in insect diversity and abundance. For
example, populations of European grassland butterflies are estimated to have declined by 50%
in abundance between 1990 and 2011 [7]. Data for other well-studied taxa such as bees [8–14]
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and moths [15–18] suggest the same trend. Climate change, habitat loss and fragmentation,
and deterioration of habitat quality have been proposed as some of the prime suspects responsible for the decline [9–11, 13, 18–22]. However, the number of studies on insect trends with
sufficient replication and spatial coverage are limited [10, 23–25] and restricted to certain wellstudied taxa. Declines of individual species or taxa (e.g. [7, 26]) may not reflect the general
state of local entomofauna [27]. The total insect biomass would then be a better metric for the
status of insects as a group and its contribution to ecosystem functioning, but very few studies
have monitored insect biomass over an extensive period of time [28]. Hence, to what extent
total insect biomass has declined, and the relative contribution of each proposed factor to the
decline, remain unresolved yet highly relevant questions for ecosystem ecology and
conservation.
Here, we investigate total aerial insect biomass between 1989 and 2016 across 96 unique
location-year combinations in Germany, representative of Western European low-altitude
nature protection areas embedded in a human-dominated landscape (S1 Fig). In all years we
sampled insects throughout the season (March through October), based on a standardized
sampling scheme using Malaise traps. We investigated rate of decline in insect biomass, and
examined how factors such as weather, habitat and land use variables influenced the declines.
Knowledge on the state of insect biomass, and it’s direction over time, are of broad importance
to ecology and conservation, but historical data on insect biomass have been lacking. Our
study makes a first step into filling this gap, and provides information that is vital for the
assessment of biodiversity conservation and ecosystem health in agricultural landscapes.

Materials and methods
Data
Biomass data. Biomass data were collected and archived using a standardized protocol
across 63 unique locations between 1989 and 2016 (resulting in 96 unique location-year combinations) by the Entomological Society Krefeld. The standardized protocol of collection has
been originally designed with the idea of integrating quantitative aspects of insects in the status
assessment of the protected areas, and to construct a long-term archive in order to preserve
(identified and not-identified) specimens of local diversity for future studies. In the present
study, we consider the total biomass of flying insects to assess the state of local entomofauna as
a group.
All trap locations were situated in protected areas, but with varying protection status: 37
locations are within Natura2000 sites, seven locations within designated Nature reserves, nine
locations within Protected Landscape Areas (with funded conservation measures), six locations within Water Protection Zones, and four locations of protected habitat managed by
Regional Associations. For all location permits have been obtained by the relevant authorities,
as listed in the S1 Appendix. In our data, traps located in nutrient-poor heathlands, sandy
grasslands, and dune habitats provide lower quantities of biomass as compared to nutrient
nutrient-rich grasslands, margins and wastelands. As we were interested in whether the
declines interact with local productivity, traps locations were pooled into 3 distinct habitat
clusters, namely: nutrient-poor heathlands, sandy grassland, and dunes (habitat cluster 1,
n = 19 locations, Fig 1A), nutrient-rich grasslands, margins and wasteland (habitat cluster 2,
n = 41 locations, Fig 1B) and a third habitat cluster that included pioneer and shrub communities (n = 3 locations).
Most locations (59%, n = 37) were sampled in only one year, 20 locations in two years, five
locations in three years, and one in four years, yielding in total 96 unique location-year combinations of measurements of seasonal total flying insect biomass. Our data do not represent
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Fig 1. Examples of operating malaise traps in protected areas in western Germany, in habitat cluster 1 (A) and cluster 2 (B) (see
Materials and methods).
https://doi.org/10.1371/journal.pone.0185809.g001
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Table 1. Overview of malaise-trap samples sizes. For each year, the number of locations sampled, the number of location re-sampled, total number of samples, as well as mean and standard deviation of exposure time at the trap locations (in days) are presented.
Year

Number of locations

Number of locations sampled previously

Number of Samples

Mean exposure time

1989

8

0

162

146.62

12.81

1990

2

0

62

228.50

34.65

1991

1

0

10

146.00

1992

4

0

54

118.75

15.50

1993

4

0

39

109.50

59.74

1994

4

0

60

170.75

72.83

1995

2

0

41

144.00

93.34

1997

1

0

20

162.00

1999

2

0

56

196.00

0.00

2000

2

1

47

174.00

11.31

2001

3

2

81

190.00

0.00

2003

3

1

80

201.00

7.81

2004

2

0

48

200.00

5.66

2005

4

0

70

198.75

30.53

2006

2

0

26

188.00

0.00

2007

2

0

15

192.00

0.00

2008

2

0

24

162.00

0.00

2009

4

0

23

120.50

2.89

2010

2

0

12

85.00

0.00

2011

1

0

4

68.00

2012

2

0

23

158.50

4.95

2013

8

2

126

175.50

21.71
11.21

2014

23

19

348

212.74

2015

1

1

10

224.00

2016

7

7

62

190.86

St. Dev exposure time

12.56

https://doi.org/10.1371/journal.pone.0185809.t001

longitudinal records at single sites, suitable to derive location specific trends (e.g. [28]). Prolonged trapping across years is in the present context (protected areas) deemed undesirable, as
the sampling process itself can negatively impact local insect stocks. However, the data do permit an analysis at a higher spatial level, i.e. by treating seasonal insect biomass profiles as random samples of the state of entomofauna in protected areas in western Germany.
Malaise traps were deployed through the spring, summer and early autumn. They operated
continuously (day and night), and catches were emptied at regular intervals, on average every
11.2 days (sd = 6.3). We collected in total 1503 trap samples, with an average of 16 (4–35) successive catches per location-year combination (Table 1). Between 1989 and 2016, a total of
53.54kg of invertebrates have been collected and stored, over a total trap exposure period of
16908 days, within an average of 176 exposure days per location-year combination. Malaise
traps are known to collect a much wider diversity of insect species (e.g. [29–31]) as compared
to suction traps (e.g. [28]) and are therefore considered superior as a method of collecting flying insects. On the basis of partial assessments, we can assume that the total number of insects
included in 53.54 kg biomass represents millions of individuals.
The sampling was standardized in terms of trap construction, size and design (identical
parts), colors, type of netting and ground sealing, trap orientation in the field as well as slope at
the trap location. Hence none of the traps differed in any of these field aspects. Our trap model
was similar to the bi-colored malaise trap model by Henry Townes [32, 33]. The traps,
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collecting design, and accompanying methods of biomass measurement as designed and
applied by the Entomological Society Krefeld are described elsewhere [34–36] and in S2
Appendix.
Trap catches were stored in 80% ethanol solution, prior to weighing, and total insect biomass of each catch (bottle) was obtained based on a standardized measurement protocol by
first subtracting fluid content. In order to optimally preserve samples for future species determination, the insects were weighed in an alcohol-wet state. First, the alcohol concentration in
the vessels was stabilized to 80%, while this concentration was controlled with an areometer
over a period of at least two days. In order to obtain biomass per sample with sufficient accuracy and comparability, the measuring process was fixed using a standardized protocol [34].
For this purpose the insects of a sample were poured onto a stainless steel sieve (10cm diameter) of 0.8 mm mesh width. This sieve is placed slightly obliquely (30 degrees) over a glass vessel. The skew position accelerates the first runoff of alcohol and thus the whole measuring
procedure. The drop sequence is observed with a stopwatch. When the time between two
drops has reached 10 seconds for the first time, the weighing process is performed with a laboratory scale. For the determination of the biomass, precision scales and analytical scales from
Mettler company were used with an accuracy of at least 0.1g and controlled with calibrated test
weights at the beginning of a new weighing series. In a series of 84 weightings of four different
samples repeating this measurement procedure, an average deviation from the mean value of
the measurement results of 0.4 percent was observed (unpublished results).
Weather data. Climate change is a well-known factor responsible for insect declines [15,
18, 21, 37]. To test if weather variation could explain the observed decline, we included mean
daily temperature, precipitation and wind speed in our analysis, integrating data from 169
weather stations [38] located within 100km to the trap locations. We examined temporal
trends in each weather variable over the course of the study period to assess changes in climatic
conditions, as a plausible explanation for insect decline. Estimates of each weather variable at
the trap locations were obtained by interpolation of each variable from the 169 climate
stations.
We initially considered mean daily air temperature, precipitation, cloud cover, relative air
moisture content, wind speed, and sunshine duration. However, only temperature, precipitation and wind speed were retained for analysis, as the other variables were significantly correlated with the selected variables [R(temperature, cover) = −43.2%, R(temperature, sunshine) =
53.4%, R(precipitation, moisture) = −47.3%] and because we wanted to keep the number of
covariates as low as possible. Additionally, we calculated the number of frost days and the sum
of precipitation in the months November- February preceding a sampling season. We used
spatio-temporal geostatistical models [39, 40] to predict daily values for each weather variable
to each trap location. Amongst other methods, the geostatistical approach is considered a
superior interpolation method in order to derive weather variables to trap locations [41].
Uncertainty in interpolated variables such as wind speed is usually associated with altitude differences. However, as our trap locations are all situated in lowland areas with little altitude variation, we do not expect a large error in our interpolations at trap locations.
We decomposed the daily values of each weather variable into a long-term average trend
(between years), a mean seasonal trend, and a yearly seasonal anomaly component (S2 Fig),
modeled using regression splines [42] while controlling for altitude of weather stations. The
remaining residual daily values of each station were further modeled using a spatio-temporal
covariance structure. For example, temperature T, on given day t, of a given year k at a given
trap location s is modeled as:
Tðt; s; kÞ ¼ fk ðkÞ þ ft ðtÞ þ rðk; tÞ þ a  h þ Cs;t
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where fk(k) is the long-term trend over the years (a thin plate regression spline), ft(t) the mean
seasonal trend within years (a penalized cyclic cubic regression spline), r(k, t) the mean residual seasonal component, which measures annual anomaly in mean daily values across selected
stations, and a is the linear coefficient for the altitude h effect. The spatio-temporal covariance
structure Cs, t, fitted independently to the residuals of each weather variable model, allowed us
to deal with lack of independence between daily weather data within and between stations, as
well as to interpolate to trap locations using kriging. Altitude of trap locations was extracted
from a digital elevation models at 90m resolution [43].
Land use data. Land use variables (and changes therein) were derived from aerial photographs [44] taken within two distinct time periods (between 1989–1994, and between 2012–
2015), and allowed us to characterize land use composition at surroundings of the traps, as
well as changes over time. We distinguished cover of forests, agricultural areas, natural grassland, and surface water. For each trap location, aerial photographs were manually processed,
polygons extracted and categorized, and their surface area calculated with a radius of 200
meter. Preliminary analysis of the relationship between log biomass and landuse variables, on
a subset of the trap locations, indicated that land use elements at 200m radius better predicted
insect biomass than elements at 500 and 1000m radius, similar to findings elsewhere for wild
bees [45]. Land use variables were measured at a coarse temporal resolution, but fortunately
cover the temporal span of insect sampling. To link the cover of a given land use variable to
the insect biomass samples in a particular year, we interpolated coverage between the two time
points to the year of insect sampling using generalized linear models with a binomial error distribution, a logit link, and an estimated dispersion parameter. Mean distributions of land use
at each of the two time points are depicted in S3A & S3B Fig.
Habitat data. Plant inventories were conducted in the immediate surroundings (within
50m) of the trap, in the same season of insect sampling. These data permitted the assessment
of plant species richness (numbers of herbs, shrubs and trees) and environmental conditions
based on average Ellenberg values [46–48], as well as changes therein over time. Each Ellenberg indicator (we considered nitrogen, pH, light, temperature and moisture) was averaged
over all species for each location-year combination. We examined annual trends in each of the
above-mentioned variables in order to uncover potential structural changes in habitat characteristics over time. Species richness was analyzed using mixed-effects generalized linear models
[49] with a random intercept for trap location and assuming a Poisson distribution for species
richness, and a normal distribution for mean Ellenberg indicator values. Although a Poisson
distribution fitted tree and shrub species adequately, (residual deviance/ degree of freedom = 0.94 and 1.04 respectively), severe overdispersion was found for herb species richness
(residual deviance/ degree of freedom = 2.16). Trend coefficients of richness over time
between a Poisson mixed effects model and a negative binomial model were comparable but
differed in magnitude (Poisson GLMM: −0.034 (se = 0.003), vs NB GLMM −0.027
(se = 0.006)). Although the fit is not perfect in the case of herb richness, we believe our trend
adequately describes direction of change over time. Mean changes in plant species richness are
depicted in S3C Fig.

Insect biomass model
The temporal resolution of the trap samples (accumulated over several days) is not directly
compatible with the temporal distribution of the weather data (daily values). Additionally, variable exposure intervals between trap samples is expected to induce variation in trapped biomass between samples, and hence induce heteroscedasticity. Furthermore, biomass data can
numerically only be positive on the real line, and we require a model to reflect this property of
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the data. Because of the unequal exposure intervals however, log-transforming the response
would be inappropriate, because we require the sum of daily values after exponentiation,
rather that the exponent of the sum of log-daily biomass values. In order to indirectly relate
biomass to daily weather variables, to account for the variation in time exposure intervals over
which biomass was accumulated in the samples, and to respect the non-negative nature of our
data, we modeled the biomass of each catch as the sum of the expected (but unobserved) latent
daily biomass. The mass m of each sample j, at site s in year k, is assumed to be distributed normally about the sum of the latent expected daily mass (zt, s, k), with variance s2j :
mj;s;k  Nðmj;s;k ; s2j Þ

ð2Þ

Pt2 ðjÞ
subject to mj;s;k ¼ t¼t
z where τ1 and τ2 mark the exposure interval (in days) of biomass
1 ðjÞ t;s;k
collection of each sample j. The latent daily biomass itself is represented by a log normal distribution, in which coefficients for covariates, random effects and residual variance are all represented on the log scale. In turn, daily biomass is modeled as
zt;s;k ¼ eyt;s;k

ð3Þ

yt;s;k ¼ c þ logðlÞk þ Xbx þ us

ð4Þ

where c is a global intercept, X a design matrix of dimensions n×p (number of
samples × number of covariates; see Model analysis below), βx the corresponding vector of
coefficients that measure the weather, habitat and land use effects, and log(λ) a mean annual
population growth rate parameter. The random term (us) denotes the location-specific random effect assumed to be distributed normally about zero us  Nð0; s2site Þ. The exponentiation
of the right hand side of Eq (3) ensures expected values to be positive.
The expected residual variance of each sample s2j , is expressed as the sum of variances of
daily biomass values (s2t;s;k ).
s2j ¼

t2 ðjÞ
X

s2t;s;k

ð5Þ

t¼t1 ðjÞ

The variances of daily biomass should respect the non-negative nature of the data as well.
Additionally, we are interested in being able to compare the residual variance with the random
effects variance, and this requires them to be on the same scale. Therefore, we expressed the
variance of the daily biomass as a function of the variance of the logarithm of the daily biomass. Using the method of moments:
s2t;s;k ¼ e2yt;s;k þv ðev

1Þ

ð6Þ

where v represents the residual variance of daily log-biomass.

Analysis
We developed a series of models each consisting of a set of explanatory variables that measure
aspects of climate, land use and local habitat characteristics. Significant explanatory variables
in these models were combined into a final model, which was then reduced to exclude insignificant effects. An overview of which covariates were included in each model is given in Table 2.
Weather effects explored were daily temperature, precipitation and wind speed, as well as
the number of frost days and sum of precipitation in the preceding winter. Habitat effects
explored tree and herb species richness, as well as average Ellenberg values for nitrogen, pH,

PLOS ONE | https://doi.org/10.1371/journal.pone.0185809 October 18, 2017

7 / 21

Severe flying insect biomass decline in protected areas

Table 2. Overview of covariates included in each of the seven models. The year covariate yields the annual trend coefficient.
Covariate class
Temporal

Covariate name

Null model

Basic

Weather

Habitat

Land use Interactions

Land use+

Final model

Intercept

✔

✔

✔

✔

✔

✔

✔

Day number

✔

✔

✔

✔

✔

✔

✔

Day number2

✔

✔

✔

✔

✔

✔

✔

✔

✔

✔

✔

✔

✔

Year
Climate

Habitat

Temperature

✔

✔

Precipitation

✔

✔

Wind Speed

✔

Frost days

✔

Winter Precipitation

✔

Herb Species

✔

✔

Tree Species

✔

✔

Nitrogen

✔

pH

✔

Moisture

✔

Light

✔

Interactions

✔

✔

Ellen. Temperature

Landscape

✔

Habitat cluster 2

✔

✔

✔

✔

Habitat cluster 3

✔

✔

✔

✔

✔
✔
✔

✔

Arable land

✔

✔

✔

Grassland

✔

✔

✔

Forest

✔

✔

✔

Water

✔

✔

✔

✔

✔

Year × Day number

✔

✔

✔

✔

2

✔

✔

✔

✔

Year × Day number

✔

✔

Year × Agriculture

✔

✔

Year × Forest

✔

✔

Year × Water

✔

Year × Grassland
Variance

✔

✔

✔

σsite

✔

✔

✔

✔

✔

✔

✔

v

✔

✔

✔

✔

✔

✔

✔

https://doi.org/10.1371/journal.pone.0185809.t002

light, temperature and moisture, per location-year combination. Land use effects explored the
fractions of agricultural area, forest, grass, and surface water in a radius of 200m around the
plot location.
Parameter values are obtained by the use of Markov chain Monte Carlo (MCMC) methods
by the aid of JAGS (Just Another Gibbs Sampler [50]) invoked through R [51] and the R2Jags
package [52]. JAGS model scripts are given in S1 Code, while data are given in S1 and S2
Dataset. For each model, we ran 3 parallel chains each consisting of 24000 iterations (first 4000
discarded), and kept every 10th value as a way to reduce within chain autocorrelation. We used
vague priors for all parameters, with uniform distributions for the residual and random effect
variance components, and flat normal distributions (with very high variance) for all other
parameters. Covariates in X were standardized prior to model fitting, with the exception of
year (values 1–26), and land use variables (proportions within 0–1 range).
For all models, we computed the Deviance Information Criterion [53] (DIC) as well as the
squared correlation coefficient (R2) between observed and mean posterior estimates of biomass on the log scale. Results are given in Table 3. Parameter convergence was assessed by the
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Table 3. Results for 7 models ranked by Deviance Information Criterion (DIC). For each model, the number of parameters, the Deviance Information Criterion, the effective number of parameters (pD), calculated R2 and difference in DIC units between each model and the model with lowest ΔDIC. See Table 2
for covariates included in each model.
Deviance

DIC

R2

model

npar

pD

Final

23

12082.48

12177.07

94.59

0.67

ΔDIC
0.00

Weather

13

12178.84

12261.52

82.68

0.65

84.45

Land use+ Interactions

16

12336.22

12427.16

90.95

0.62

250.09

Habitat

15

12354.95

12445.93

90.98

0.62

268.86

Land use

12

12377.27

12453.23

75.97

0.61

276.16

Basic

8

12390.26

12465.08

74.82

0.61

288.00

Null

5

13230.65

13307.59

76.94

0.39

1130.52

https://doi.org/10.1371/journal.pone.0185809.t003

^ that measures the ratio of posterior distripotential scale reduction factor [54] (commonly R),
butions between independent MCM chains (in all models, all parameters attained values
below 1.02). For all models, we confirmed that the posterior distribution of the trend coefficient did not confound any other variable by plotting the relevant posterior samples and computing pairwise correlation coefficients.
Our basic model included habitat cluster (3 levels), a quadratic effect for day number, an
annual trend coefficient measuring the rate of biomass change, and the interactions between
the annual trend coefficient and the day number variables. Next we developed 3 models each
consisting of either weather variables (S1 Table), land use variables (S2 Table), or habitat variables. Because interactions between the annual rate of change and land use variables seemed
plausible, a fourth model was developed to include these interactions (S3 Table). Finally, all
significant variables were combined into our final model (Table 4), which included effects of
an annual trend coefficient, season (linear and quadratic effect of day number), weather (temperature, precipitation, number of frost days), land use (cover of grassland and water, as well
as interaction between grassland cover and trend), and habitat (number of herb and tree species as well as Ellenberg temperature).
Our estimate of decline is based on our basic model, from which we can derive seasonal
estimates of daily biomass for any given year. The basic model includes only a temporal
(annual and seasonal effects, as well as interactions) and a basic habitat cluster distinction
(additive effects only) as well as a random trap location effect. We here report the annual trend
coefficient, as well as a weighted estimate of decline that accounts for the within season differences in biomass decline. The weighted insect biomass decline was estimated by projecting the
seasonal biomass (1-April to 30-October) for years 1989 and 2016 using coefficients our basic
model, and then dividing the summed (over the season) biomass of 2016 by the summed biomass over 1989.
Using our final model, we assessed the relative contribution (i.e. net effect) of the explanatory variables to the observed decline, both combined and independently. To this aim we projected the seasonal daily biomass for the years 1989 and 2016 twice: first we kept covariates at
their mean values during the early stages of the study period, and second we allowed covariate
values to change according to the observed mean changes (see S2 and S3 Figs). Difference in
the total biomass decline between these two projections are interpreted as the relative contribution of the explanatory variables to the decline. The marginal (i.e. independent) effects of
each covariate were calculated by projecting biomass increase/decline as result of the observed
temporal developments in each variable separately, and expressing it as percentual change.
Our data provide repetitions across years for only a subset of locations (n = 26 out of 63).
As such, spatial variation in insect biomass may confound the estimated trend. To verify that

PLOS ONE | https://doi.org/10.1371/journal.pone.0185809 October 18, 2017

9 / 21

Severe flying insect biomass decline in protected areas

Table 4. Posterior parameter estimates of the final mixed effects model of daily insect biomass. For each included variable, the corresponding coefficient mean, standard deviation and 95% credible intervals are given. P-values were calculated empirically based on posterior distributions of coefficients.
Class Variable

mean

sd

2.50%

97.50%

P

2.450

0.233

1.983

2.891

0.000

***

log(λ)

-0.080

0.007

-0.094

-0.067

0.000

***

Temporal Intercept
Day number

-0.100

0.028

-0.155

-0.045

0.001

***

Day number2

-0.447

0.029

-0.504

-0.392

0.000

***

Weather Temperature

0.304

0.022

0.263

0.347

0.000

***

Precipitation

-0.071

0.034

-0.143

-0.009

0.014

*

Frost days

-0.021

0.024

-0.067

0.025

0.194

0.420

0.162

0.080

0.729

0.007

**

Land use Habitat Cluster 2
Habitat Cluster 3

0.332

0.237

-0.133

0.806

0.078

.

Arable land

-1.063

0.184

-1.420

-0.709

0.000

***

Forest

-0.522

0.216

-0.947

-0.121

0.007

**

0.819

0.233

0.367

1.265

0.000

***

-0.327

0.170

-0.659

0.005

0.027

*

Habitat Herb species

-0.054

0.045

-0.137

0.037

0.119

Tree Species

0.104

0.032

0.041

0.167

0.000

***

Ell. Nitrogen

0.181

0.065

0.051

0.311

0.003

**

Grassland
Water

0.162

0.039

0.088

0.236

0.000

***

-0.071

0.031

-0.131

-0.011

0.010

**

-0.003

0.001

-0.006

-0.000

0.017

*

Year × Day number2

0.010

0.001

0.007

0.013

0.000

***

Year × Arable land

0.047

0.008

0.031

0.064

0.000

***

Year × Forest

0.035

0.010

0.016

0.055

0.000

***

-0.059

0.014

-0.086

-0.033

0.000

***

0.334

0.037

0.270

0.412

0.870

0.009

0.852

0.889

Ell. Light
Ell. Temperature
Intercations Year × Day number

Year × Grassland
Random effects σsite
Residual variation v
https://doi.org/10.1371/journal.pone.0185809.t004

this is not the case, we fitted our basic model (but excluding the day number and year interaction to avoid overparameterization) to the subset of our data that includes only locations that
were sampled in more than one year. Seasonal profiles of daily biomass values are depicted in
S4 Fig. Finally, we reran our basic model for the two (of the three) habitat clusters (for which
sufficient data existed; see Biomass Data) separately in order to compare the rate of decline
between them (S5 Fig).

Results
Following corrections for seasonal variation and habitat cluster (basic model, see Materials
and methods), the annual trend coefficient of our basic model was significantly negative
(annual trend coefficient = −0.063, sd = 0.002, i.e. 6.1% annual decline). Based on this result,
we estimate that a major (up to 81.6% [79.7–83.4%]) decline in mid-summer aerial insect biomass has taken place since 1989 (Fig 2A). However, biomass loss was more prominent in midsummer as compared to the start and end of the season (Fig 3A), indicating that the highest
losses occur when biomass is highest during the season (Fig 2B). As such, a seasonally weighted
estimate (covering the period 1-April to 30-October; see methods) results in an overall 76.7%
[74.8–78.5%] decline over a 27 year period. The pattern of decline is very similar across locations that were sampled more than once (Fig 4), suggesting that the estimated temporal decline
based on the entire dataset is not confounded by the sampling procedure. Re-estimation of the
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Fig 2. Temporal distribution of insect biomass. (A) Boxplots depict the distribution of insect biomass
(gram per day) pooled over all traps and catches in each year (n = 1503). Based on our final model, the grey
line depicts the fitted mean (+95% posterior credible intervals) taking into account weather, landscape and
habitat effects. The black line depicts the mean estimated trend as estimated with our basic model. (B)
Seasonal distribution of insect biomass showing that highest insect biomass catches in mid summer show
most severe declines. Color gradient in both panels range from 1989 (blue) to 2016 (orange).
https://doi.org/10.1371/journal.pone.0185809.g002
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Fig 3. Seasonal decline and phenology. (A) Seasonal decline of mean daily insect biomass as estimated by independent month specific
log-linear regressions (black bars), and our basic mixed effects model with interaction between annual rate of change and a quadratic trend
for day number in season. (B), Seasonal phenology of insect biomass (seasonal quantiles of biomass at 5% intervals) across all locations
revealing substantial annual variation in peak biomass (solid line) but no direction trend, suggesting no phenological changes have occurred
with respect to temporal distribution of insect biomass.
https://doi.org/10.1371/journal.pone.0185809.g003

annual decline based on 26 locations that have been sampled in more than one year (S4 Fig),
revealed a similar rate of decline (76.2%[73.9–78.3%]).
Insect biomass was positively related to temperature and negatively to precipitation (S1
Table). Including lagged effects of weather revealed no effect of either number of frost days, or
winter precipitation, on the biomass in the next season (S1 Table). The overall model fit
improved as compared to our basic model (R2 = 65.4%, Table 3), explaining within and between
year variation in insect biomass, but not the overall decline (log(λ) = −0.058, sd = 0.002). Over
the course of the study period, some temporal changes occurred in the means of the weather
variables (S2 Fig), most notably an increase by 0.5˚C in mean temperature and a decline 0.2 m/
sec in mean wind speed. Yet, these changes either do not have an effect on insect biomass (e.g.
wind speed) either are expected to positively affected insect biomass (e.g. increased temperature). Furthermore, a phenological shift with peak biomass earlier in the season could have
resulted in lower biomass in the mid-season (Fig 3A), but this does not appear to be the case as
none of the seasonal distribution quantiles in biomass showed any temporal trend (Fig 3B).
There was substantial variation in trapped insect biomass between habitat clusters (see
Materials and methods), with nutrient-rich grasslands, margins and wasteland containing 43%
more insect biomass than nutrient-poor heathland, sandy grassland, and dunes. Yet, the
annual rate of decline was similar, suggesting that the decline is not specific to certain habitat
types (S5 Fig). To further characterize trap locations, we used past (1989–1994) and present
(2012–2015) aerial photographs and quantified land use cover within 200m around the trap
locations. On average, cover of arable land decreased, coverage of forests increased, while
grassland and surface water did not change much in extent over the last three decades (S3 Fig).
Overall, adding land use variables alone did not lead to a substantial improvement of the
model fit (R2 = 61.3%, Table 3), nor did it affect the annual trend coefficient (log(λ) = −0.064,
sd = 0.002). While presence of surface water appeared to significantly lower insect biomass,
none of the other variables were significantly related to biomass. However, including interactions between the annual trend coefficient and land use variables increased the model fit

PLOS ONE | https://doi.org/10.1371/journal.pone.0185809 October 18, 2017

12 / 21

Severe flying insect biomass decline in protected areas

Fig 4. Temporal distribution of insect biomass at selected locations. (A) Daily biomass (mean ±1 se)
across 26 locations sampled in multiple years (see S4 Fig for seasonal distributions). (B) Distribution of mean
annual rate of decline as estimated based on plot specific log-linear models (annual trend coefficient = −0.053,
sd = 0.002, i.e. 5.2% annual decline).
https://doi.org/10.1371/journal.pone.0185809.g004

slightly (Table 3), and revealed significant interactions for all variables except coverage of surface water (S2 Table). These interactions, which were retained in our final model (Table 4),
revealed higher rates of decline where coverage of grassland was higher, while lower declines
where forest and arable land coverage was higher.
We hypothesized that successional changes in plant community [55] or changes in environmental conditions [9, 18], could have affected the local insect biomass, and hence explain the
decline. Plant species inventories that were carried out in the immediate vicinity of the traps
and in the same season of trapping, revealed that species richness of trees, shrubs and herbs
declined significantly over the course of the study period (S3 Fig). Including species richness
in our basic model, i.e. number of tree species and log number of herb species, revealed significant positive and negative effects respectively on insect biomass, but did not affect the annual
trend coefficient (S3 Table), explaining some variation between locations rather than the
annual trend coefficient. Moreover, and contrary to expectation, trends in herb species richness were weakly negatively correlated with trends in insect biomass, when compared on per
plot basis for plots sampled more than once. Ellenberg values of plant species provide a reliable
indicator for the environmental conditions such as pH, nitrogen, and moisture [46, 47].
Around trap locations, mean indicators (across all locations) were stable over time, with
changes in the order of less than 2% over the course of the study period. Adding these variables
to our basic model revealed a significant positive effect of nitrogen and light, and a significant
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Fig 5. Marginal effects of temporal changes in considered covariates on insect biomass. Each bar
represents the rate of change in total insect biomass, as the combined effect of the relevant coefficient
(Table 4) and the temporal development of each covariate independently (S2 and S3 Figs).
https://doi.org/10.1371/journal.pone.0185809.g005

negative effect of Ellenberg temperature on insect biomass, explaining a major part of the variation between the habitat types. However, Ellenberg values did not affect the insect biomass
trend coefficient (log(λ) = −0.059, sd = 0.003, S3 Table) and only marginally improved the
model fit (R2 = 61.9%, Table 3). All habitat variables were considered in our final model
(Table 4), with the exception of of pH and moisture.
Our final model, based on including all significant variables from previous models, revealed
a higher trend coefficient as compared to our basic model (log(λ) = −0.081, sd = 0.006,
Table 4), suggesting that temporal developments in the considered explanatory variables counteracted biomass decline to some degree, leading to an even more negative coefficient for the
annual trend. The marginal net effect of changes in each covariate over time (see Analysis),
showed a positive contribution to biomass growth rate of temporal developments in arable
land, herb species richness, and Ellenberg Nitrogen, while negative effects of developments of
tree species richness and forest coverage (Fig 5). For example, the negative effect of arable land
on biomass (Table 4), in combination with a decrease in coverage of arable land (S3 Fig), have
resulted in a net positive effect for biomass (Fig 5). Projections of our final model, while fixing
the coefficient for the temporal annual trend log(λ) to zero, suggest insect biomass would have
remained stable, or even increased by approximately 8% (mean rate = 1.075, 0.849–1.381) over
the course of the study period.

Discussion
Our results document a dramatic decline in average airborne insect biomass of 76% (up to
82% in midsummer) in just 27 years for protected nature areas in Germany. This considerably
exceeds the estimated decline of 58% in global abundance of wild vertebrates over a 42-year
period to 2012 [56, 57]. Our results demonstrate that recently reported declines in several taxa
such as butterflies [7, 25–27, 58], wild bees [8–14] and moths [15–18], are in parallel with a
severe loss of total aerial insect biomass, suggesting that it is not only the vulnerable species,
but the flying insect community as a whole, that has been decimated over the last few decades.
The estimated decline is considerably more severe than the only comparable long term study
on flying insect biomass elsewhere [28]. In that study, 12.2m high suction traps were deployed
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at four locations in the UK over the time period 1973–2002, and showed a biomass decline at
one of the four sites only. However, the sampling designs differ considerably between the two
studies. Suction traps mainly target high-flying insects, and in that study the catches were
largely comprised of flies belonging to the Bibionidae family. Contrary, malaise traps as used
in the present study target insects flying close to the ground surface (up to 1 meter), with a
much wider diversity of taxa. Future investigations should look into how biomass is distributed among insect species, and how species trends contribute to the biomass decline.
Although the present dataset spans a relatively large number of years (27) and sites (63), the
number of repetitions (i.e. multiple years of seasonal distributions at the same locations) was
lower (n = 26). We are however confident that our estimated rate of decline in total biomass
resembles the true rate of decline, and is not an artifact of site selection. Firstly, our basic
model (including an annual rate of decline) outperformed the null-model (without an annual
rate of decline; ΔDIC = 822.62 units; Table 3), while at the same time, between-plot variation
(i.s. σsite) and residual variation (v) decreased by 44.3 and 9.7% respectively, after incorporating
an annual rate of decline into the models. Secondly, using only data from sites at which malaise
traps were operating in at least two years, we estimated a rate of decline similar to using the
full dataset (Fig 4), with the pattern of decline being congruent across locations (S4 Fig).
Taken together, there does not seem to be evidence that spatial variation (between sites) in this
dataset forms a confounding factor to the estimated temporal trend, and conclude that our
estimated biomass decline is representative for lowland protected areas in west Germany.
In light of previously suggested driving mechanisms, our analysis renders two of the prime
suspects, i.e. landscape [9, 18, 20] and climate change [15, 18, 21, 37], as unlikely explanatory
factors for this major decline in aerial insect biomass in the investigated protected areas. Habitat
change was evaluated in terms of changes in plant species composition surrounding the standardized trap locations, and in plant species characteristics (Ellenberg values). Land use changes
was evaluated in terms of proportional surface changes in aerial photographs, and not for example changes in management regimes. Given the major decline in insect biomass of about 80%,
much stronger relationships would have been expected if changes in habitat and land use were
the driving forces, even with the somewhat crude parameters that were at our disposal.
The decline in insect biomass, being evident throughout the growing season, and irrespective of habitat type or landscape configuration, suggests large-scale factors must be involved.
While some temporal changes in climatic variables in our study area have taken place, these
either were not of influence (e.g. wind speed), or changed in a manner that should have
increased insect biomass (e.g temperature). However, we have not exhaustively analysed the
full range of climatic variables that could potentially impact insect biomass. For example prolonged droughts, or lack of sunshine especially in low temperatures might have had an effect
on insect biomass [59–62]. Agricultural intensification [17, 20] (e.g. pesticide usage, yearround tillage, increased use of fertilizers and frequency of agronomic measures) that we could
not incorporate in our analyses, may form a plausible cause. The reserves in which the traps
were placed are of limited size in this typical fragmented West-European landscape, and
almost all locations (94%) are enclosed by agricultural fields. Part of the explanation could
therefore be that the protected areas (serving as insect sources) are affected and drained by the
agricultural fields in the broader surroundings (serving as sinks or even as ecological traps) [1,
63–65]. Increased agricultural intensification may have aggravated this reduction in insect
abundance in the protected areas over the last few decades. Whatever the causal factors
responsible for the decline, they have a far more devastating effect on total insect biomass than
has been appreciated previously.
The widespread insect biomass decline is alarming, ever more so as all traps were placed in
protected areas that are meant to preserve ecosystem functions and biodiversity. While the
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gradual decline of rare insect species has been known for quite some time (e.g. specialized butterflies [9, 66]), our results illustrate an ongoing and rapid decline in total amount of airborne
insects active in space and time. Agricultural intensification, including the disappearance of
field margins and new crop protection methods has been associated with an overall decline of
biodiversity in plants, insects, birds and other species in the current landscape [20, 27, 67]. The
major and hitherto unrecognized loss of insect biomass that we report here for protected
areas, adds a new dimension to this discussion, because it must have cascading effects across
trophic levels and numerous other ecosystem effects. There is an urgent need to uncover the
causes of this decline, its geographical extent, and to understand the ramifications of the
decline for ecosystems and ecosystem services.
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S5 Fig. Daily biomass of insects over time for two habitat clusters. Boxplots depict the distribution of insect biomass pooled over all traps and catches in each year at trap locations in
nutrient-poor heathland, sandy grassland, and dunes (A), and in nutrient-rich grasslands,
margins and wasteland (B). Grey lines depict the fitted mean (+95% posterior credible intervals), while the black lines the mean estimated trend. Estimated annual decline amounts to
7.5%(6.6–8.4) for habitat cluster 1, as compared to 5.2% (4.8–5.5) habitat cluster 2. Models fitted independently for each habitat location. Color gradient in all panels range from 1989
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A.W. Ebmer, R. Eckelboom, B. Franzen, M. Grigo, J. Günneberg, J. Gusenleitner, K. Hamacher, F. Hartfeld, M. Hellenthal, J. Hembach, A. Hemmersbach, W. Hock, V. Huisman-Fiegen,
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Ellenberg H. Zeigerwerte der Gefäßpflanzen Mitteleuropas. Scripta Geobotanica 9. Goltze, Göttingen.
1974;.

47.

Ellenberg H, Weber HE, Düll R, Wirth V, Werner W, Paulißen D, et al. Zeigerwerte von pflanzen in Mitteleuropa. E. Goltze; 1992.

48.

Hennekens SM, Schaminée JH. TURBOVEG, a comprehensive data base management system for
vegetation data. Journal of vegetation science. 2001; 12(4):589–591. https://doi.org/10.2307/3237010

49.
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